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Cellulose nanofibers (CNFs) have established widespread attention in various
industries with their potential applications. Production of CNFs from agricultural post
harvesting wastes has several cost-effective and eco-friendly benefits. The objective of
this research was to prepare four different types of CNFs from cotton stalks by different
chemical treatments followed by ultra-sonication. CNFs via untreated bleached pulp,
sulfuric acid hydrolysis, and TEMPO [(2,2,6,6-tetramethylpiperidin-1-yl) oxy radical]mediated oxidation process were produced. Physical and chemical properties of these
CNFs were investigated by morphological (FE-SEM, AFM), structural (FTIR), and
thermal gravimetric analysis (TGA). Developed TEMPO-oxidized cellulose nanofibers
(TEMPO-CNFs) were brighter and higher in yields (90%). It was the first time uniform
and very small sized (3-15 nm diameter and 10-100 nm length) nanofibers were
produced. In application purpose, TEMPO-CNFs were introduced into chitosan matrix
(prepared from shrimp exoskeletons) for the development of bionanocomposite food
packaging films and into chitin for hydrogels preparation in order to eliminate heavy
metals from water bodies.

Development of bionanocomposite films (chitosan/TEMPO-CNFs compositions)
was an effective and complete green approach with enhanced mechanical and barrier
properties. Also use of TEMPO-CNFs in this method makes it possible to produce
flexible, transparent, and low cost food packaging films with good antimicrobial activity
against Salmonella enterica, E. coli O157:H7, and Listeria monocytogenes. In a similar
way, generation of recyclable biobased adsorbents (chitin/TEMPO-CNFs compositions)
with superior adsorption capacity and high surface area were effectively used in lead
(Pb2+) removal from aqueous solutions, thus provide new opportunities as economical
and environmentally friendly green remediation.
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CHAPTER I
CHEMICAL ISOLATION AND CHARACTERIZARION OF DIFFERENT
CELLULOSE NANOFIBERS FROM COTTON STALKS
1.1

Abstract
Recently, cellulose nanofibers (CNFs) have received wide attention in green

nanomaterial technologies. Production of CNFs from agricultural residues has many
economic and environmental advantages. In this study, four different CNFs were
prepared from cotton stalks by different chemical treatments followed by ultrasonication.
CNFs were prepared from untreated bleached pulp, sulfuric acid hydrolysis, and TEMPO
[(2,2,6,6-tetramethylpiperidin-1-yl) oxy radical]-mediated oxidation process. Physical
and chemical properties of the prepared CNFs such as morphological (FE-SEM, AFM),
structural (FTIR), and thermal gravimetric analysis (TGA) were investigated.
Characterization results clearly showed that the method of preparation results in a
significant difference in the structure, thermal stability, shape and dimensions of the
produced CNFs. TEMPO-mediated oxidation produced brighter and higher yields
(90%) of CNFs compared to other methods. FE-SEM and AFM analysis clearly
indicated that, TEMPO-mediated oxidation produced uniform nano-sized fibers with a
very small diameter (3-15 nm width) and very small length (10-100 nm). This was the
first time uniform and very small nanofibers were produced.

1

1.2

Introduction
Cellulose, the most abundant renewable polysaccharides on earth, is the major

source of natural polymers which can be used to produce potential reinforcing
bionanomaterials called cellulose nanofibers. In the last few decades, the advancement of
CNFs has intrigued significant interest due to their unique characteristics such as high
tensile strength, excellent mechanical properties, good biocompatibility, high surface
area, and low coefficient of thermal expansion (Azizi Samir, Alloin, & Dufresne, 2005;
Chen, Yu, Liu, Hai, et al., 2011). These CNFs have been extensively studied for a wide
variety of potential applications such as bioimaging and biomedical materials, nanofillers
for polymer nanocomposites, protective coatings, barrier membranes and filtration media,
transparent films, antimicrobial films, pharmaceuticals, drug delivery, and components
of electronic devices (Moon, Martini, Nairn, Simonsen, & Youngblood, 2011; Pääkkö et
al., 2008; Podsiadlo et al., 2005). Compared to inorganic fillers, the prime advantage of
propagating CNFs includes their renewable, low cost, low density, and nonabrasive
nature, which allows them to formulate bio-based nanocomposites with easy process
ability (De Mesquita, Donnici, & Pereira, 2010). Nano-reinforcement is also a crucial
pattern, where CNFs do not affect the clarity of the polymer matrix because of their nanosize nature, and high aspect ratio, and appear transparent since they are smaller than the
wavelength of visual light (Alexandre & Dubois, 2000). All these fascinating properties
of CNFs make them an attractive and valuable bionanomaterial for large number of
applications (De Mesquita et al., 2010).
Lignocellulosic fibers are one of the major renewable sources for production of
nanocellulose (Chirayil, Mathew, & Thomas, 2014). There are different mechanical and
2

chemical methods that can be used for preparation of CNFs from lignocellulosic biomass.
Mechanical processes such as high intensity homogenizer, cryocrushing, and
ultrasonication have been used successfully to produce CNFs, but the major obstacle that
needs to be overcome is the high energy consumption during the fiber disintegration.
Chemical methods, like acid hydrolysis, alkaline–acid pretreatment, and oxidation
pretreatment before mechanical processes can decrease the energy consumption
(Chirayil, Mathew, et al., 2014). Generally, alkaline–acid pretreatment is more effective
on agricultural residues because the higher availability of cellulose. Acid hydrolysis
method followed with ultrasonic treatment produces nano-sized fibers with relatively low
weight recovery (Bondeson, Mathew, & Oksman, 2006). This method also dissolves the
amorphous region in the cellulose fiber, but does not affect the crystalline area (Azizi
Samir et al., 2005). Recently, a new method has been developed to prepare completely
individualized cellulose nanofibers from wood cellulose by 2,2,6,6-tetramethylpiperidine1-oxyl radical (TEMPO)-mediated oxidation under moderate aqueous condition
(Johnson, Zink-Sharp, Renneckar, & Glasser, 2009). TEMPO is a stable nitroxyl radical
which is water soluble and commercially available. This oxidation process coupled with
homogenization selectively converts primary alcohols to aldehyde and carboxylate
groups as represented in figure 1.1. This kind of surface modification reduces energy
consumption in mechanical disintegration process and the developed CNFs become
suitable for production at the industrial level (Chirayil, Mathew, et al., 2014; Isogai,
Saito, & Fukuzumi, 2011; Johnson et al., 2009). It was also reported that TEMPOmediated oxidation assisted with the homogenizing mechanical treatment can produce

3

uniform cellulosic nanofibers with 3-5 nm wide and 2-3 µm in length from bleached
wood pulp (Isogai et al., 2011).

Figure 1.1

Mechanism of TEMPO-mediated oxidation of primary hydroxyls to
carboxylic groups via aldehyde.

Preparation of CNFs from agricultural residues is one of the promising strategies
for eliminating the cost of landfill disposal associated with using synthetic polymers.
Many researchers have been extensively studied the preparation and extraction of CNFs
from several agricultural sources such as wheat straw and soy hulls (Alemdar & Sain,
4

2008), hemp (Luzi et al., 2014), marine biomass (Bettaieb et al., 2015), sugar beet
(Dufresne, Cavaillé, & Vignon, 1998), rice straw and potato tuber (Abe & Yano, 2009b),
cotton linter (Morais et al., 2013), coconut husk fibers (Rosa et al., 2010), barley (Espino
et al., 2014), sisal fiber (Morán, Alvarez, Cyras, & Vázquez, 2008), ramie fiber (Habibi,
Foulon, Aguié-Béghin, Molinari, & Douillard, 2007), and bamboo residues (Abe &
Yano, 2010) etc. Morphological properties of cellulose nanofibers such as diameter,
length and shape mainly depend on raw materials and extraction methods (grinding,
cryocrushing, acid and enzyme-assisted hydrolysis, high-pressure homogenization and
ultrasonication), which leads to different types of nanofibrillar materials such as cellulose
whiskers, microcrystalline cellulose, and nanocrystalline cellulose.
The growing consumer demand of cotton, for textile mills and industrial products,
has increased the cotton plantation throughout the world, which is highly beneficial for
economic development. The major concern rises about the disposal of cotton stalks left
in the field that serve as a breeding ground for pests (Silverstein, Chen, SharmaShivappa, Boyette, & Osborne, 2007). This cotton stalks is a abundantly available
agricultural post-harvesting waste, which mainly contain lignocellulosic biomass that
have the potential to be converted into a value added products and can provide an
environmental friendly method of disposal (Peng, Dhar, Liu, & Tam, 2011; Silverstein et
al., 2007). In addition, it represents an important source of cellulosic fibers, from where
sustainable nanomaterials can be extracted and utilized as reinforcing materials.
Microcrystalline cellulose has been prepared successfully by acid hydrolysis from cotton
stalks (El-Sakhawy & Hassan, 2007). However, to the best of our knowledge, there are
no studies about the preparation of CNFs with very small diameter (3-5 nm wide and 2-3
5

µm in length) from cotton stalks. Therefore, the aim of this study was to prepare high
yield of uniform nano-sized CNFS from cotton stalks by different chemical and
mechanical methods including TEMPO-mediated oxidation. Also, we aimed to compare
the surface morphology, chemical properties, and thermal behavior of the different
prepared CNFs.
1.3
1.3.1

Experimental
Materials
Cotton stalks were obtained from Myron May Farm, Stewart, Mississippi, USA.

They were ground, sieved through 30–80 mesh size sieves and stored at room
temperature in a plastic bag. About 3.0 g of cotton stalks was extracted with 95% ethanol
in a soxhlet apparatus for 16 h to remove extractives and wax, then dewaxed biomass was
dried at 105C for 18 h, and stored in a plastic bag for analysis. All chemicals used in this
study were purchased from commercial resources and used as received without further
purification. The following chemicals were purchased from Fisher Scientific, USA:
ethanol (95%), sulfuric acid (72%), hydrochloric acid, sodium hydroxide, potassium
hydroxide, sodium chlorite, acetic acid, sodium bromide, sodium hypochlorite (13%),
and TEMPO [(2,2,6,6-tetramethylpiperidin-1-yl) oxy radical]. Regenerated cellulose
tubing (MWCO 50 kD) was purchased from spectrum laboratories, Inc. USA.
1.3.2

Chemical characterization of cotton stalks
The chemical composition of cotton stalks sample was determined according to a

known procedure (Sluiter et al., 2008). Summary of this method is as follows: 0.3 g of
sample was hydrolyzed in incubator with 3.0 mL of 72% sulfuric acid at 30°C for 1 h.
6

Then, 84 mL deionized water (DI) was added to obtain 4% sulfuric acid solution and the
mixture was autoclaved in a pressure tube at 121°C for 1 h. After cooling, the sugar
solution was filtered and acid insoluble lignin was dried at 105°C for 12 h, then
determined gravimetrically by burning in a muffle furnace at 700°C for 4 h. Filtrate was
neutralized with calcium carbonate to obtain pH 6.5 and filtered with 0.2 µm nylon
syringe filter for removal of fine particles. The solution was then analyzed with high
performance liquid chromatography (HPLC) using an Agilent 1200 instrument equipped
with a refractive index detector and Aminex column HPX-87P, 300 nm × 7.8 nm at 80°C.
Deionized water was used as an eluent at a flow rate of 0.6 mL/min and the run lasted for
30 min. Quantification of the sugars was done by comparing the peak integration values
with those of chromatograms made with known sugar standards and presented in
percentages based on dry biomass weight. The acid soluble lignin content of the
hydrolyzed sample was determined by Cary 100 BioUV–vis Spectrophotometer (Varian
Australia, Australia). The Klason lignin content of the hydrolyzed sample was
determined by NREL/TP-510-42623 method. Ash content was determined according to
NREL/TP-510-42622 procedure.
1.3.3

Chemical Isolation of purified cellulose
The alkaline–acid pretreatment method was used in this study to isolate pure

cellulose from cotton stalks as follows: Cotton stalks (100 g, o.d. basis) were soaked in
15 wt% NaOH solution at 23C for 2 hrs. At the end of soaking time, fibers were
collected and washed with distilled water till neutrality. Wet fibers were then hydrolyzed
with 1.0 M HCl solution at 80°C for 2 h to solubilize hemicelluloses. After that, fibers
were washed and filtered with distilled water till neutrality. Finally, the washed fibers
7

were treated with 2.0 wt% NaOH solution at 80°C for 2 h. The treated fibers were
oxidized by periodical addition of acidified sodium chlorite (NaClO2) solution at 75°C
until the fibers became totally white. After completion of this reaction, the resultant fully
bleached fibers were filtered and rinsed till neutrality with distilled water.
1.4
1.4.1

Extraction and preparation of CNFs
Sulfuric acid hydrolysis
Wet fully bleached pulp was hydrolyzed with 64% H2SO4 acid at 45°C for 50

min, the reaction was terminated by diluting 10 times with deionized water. After
standing for 12 h, water was decanted off and solid sediment was collected with
minimum amount of deionized water then divided into two portions. The first portion was
neutralized by aqueous Na2CO3 solution, centrifuged at 9000 rpm for 20 min to separate
CNFs from the suspension. The aqueous phase was decanted and CNFs was re-dispersed
in water, re-centrifuged twice under the same parameters. CNFs produced from this
portion were described as (H2SO4 neutralized CNFs). The second part was centrifuged to
remove the excess amount of acid, then dialyzed against deionized water for four days
using regenerated cellulose tubing (MWCO 50 kD) until the pH of solution became
neutral. The produced CNFs from this portion was described as (H2SO4 dialyzed CNFs).
1.4.2

TEMPO-mediated oxidation
Wet fully bleached pulp (6.0 g, o.d. basis) was suspended in 240 mL of deionized

water and stirred vigorously at room temperature by mechanical stirrer. Then, 3.0 mL
aqueous solution of sodium bromide (750 mg) and TEMPO (75 mg) was added into
reaction suspension and the mixture was stirred continuously for 10 min. A 13% sodium
8

hypochlorite solution (9–10 mL) was added drop wise to the mixture while maintaining
the pH 10–11 by adding 0.5 M sodium hydroxide solution. After 1 h, about (10 mL) of
ethanol was added to quench the reaction and the pH was adjusted to 7.0 with the
addition of 0.5 M HCl solution. The reaction suspension was vacuum- filtered, washed
several times with deionized water, and then the prepared oxidized pulp fibers were
dispersed in deionized water and sonicated.
1.4.3

Ultrasonic treatment
The four different prepared CNFs (TEMPO-oxidized, H2SO4 neutralized, H2SO4

dialyzed, and untreated fully bleached pulp) were sonicated in an ice bath with Hielscher
Ultrasound GmbH (UIP 1000) at 60 Amp for 20 min and freeze dried in Labconco freeze
dryer 4.5.
1.5
1.5.1

Characterization of CNFs
Field emission-scanning electron microscopy (FE-SEM)
Surface morphology of all four kinds of CNFs was examined using a FE-SEM

(JEOL JSM-6500F Field Emission Scanning Electron Microscope). Samples were
prepared by spreading a drop of aqueous suspensions onto cleaned silicon wafers
followed by vacuum drying for 20 h. Prior to imaging, samples were coated with 5 nm
platinum, sprayed in EMS 150T ES sputter coater for fine grain sputtering, then observed
under FE-SEM operating at 10 kV.
1.5.2

Atomic force microscopy (AFM)
Topography and morphology of CNFs were imagined using Dimension Icon

AFM ScanAsyst Bruker, USA, with Veeco probes (SNL-10, silicon tip on nitride lever).
9

Before examination, a droplet of CNFs aqueous suspension was initially vacuum-dried on
mica for 8 h, then scans were obtained in ScanAsyst/peak force tapping mode in air.
1.5.3

Fourier transform infrared analysis (FTIR)
FITR technique was used to study the different functional groups of extracted

cotton stalks biomass, and evaluate structural variations on different freeze-dried CNFs
due to chemical and mechanical treatments. All experiments were conducted using
Thermo Scientific Nicolet iS50 FT-IR spectrometer in the range of 400–4000 cm−1.
1.5.4

Thermal gravimetric analysis (TGA)
TGA analyses were performed on the different sonicated CNFs by using Thermo

Scientific SDT Q600 series Thermogravimetric Analyzer (TA instrument). All runs of
freeze dried samples were performed at heating rates 10°C/min from 30°C to 700°C
under a nitrogen atmosphere at flow rate 200 mL/min in order to prevent degradation by
thermal oxidation.
1.6
1.6.1

Results and Discussion
Chemical compositional analysis
The chemical composition of cotton stalks varies depending on the growing

location, harvesting methods, seasons as well as analysis procedures (Agblevor, Batz, &
Trumbo, 2003). The chemical compositions of cotton stalks, used in this study, are listed
in Table 1.1. According to the HPLC analysis, the total carbohydrate fraction was 65.8%
of dry biomass (40.1% glucose, 19.3% xylose, 2.4% galactose, 1.9% arabinose, and 2.1%
mannose). The yield of other components such as lignin, extractives and ash were 30.9,
2.3 and 1.8%, respectively.
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Table 1.1

Chemical composition analysis results of cotton stalks (%, dry basis).
(%)

1.6.2

Glucose

40.1

Xylose

19.3

Galactose

2.4

Arabinose

1.9

Mannose

2.1

Lignin

30.9

Ash

1.8

Extractives

2.3

Total

100.8

Scanning electron microscope analysis
Figure 1.2 shows the scanning electron micrographs comparison images (FE-

SEM) of the four different kinds of extracted nanofibers (untreated bleached pulp,
TEMPO oxidized CNFs, H2SO4 dialyzed CNFs, and H2SO4 neutralized CNFs). All
nanofibers are well separated and shows web like network structure that can be easily
observed. After completion of the selected treatment method for producing CNFs, most
of the hemicellulose and lignin were removed and pure cellulose was obtained with
reduced fiber diameter (Johar, Ahmad, & Dufresne, 2012; Kumar, Negi, Choudhary, &
Bhardwaj, 2014). Untreated bleached pulp CNFs without ultrasonic treatment had a
folded ribbon like shape (image not shown) with broad range of diameter and length due
to composed of strong H–bonding between cellulose chains (Abe & Yano, 2009a). They
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formed aggregates and produced low dispersion of cellulose/water slurry that was not
transparent. After ultrasonication (Figure 1.2a), the fibers are disintegrated into smallscale range of ~20 nm in length and 100–500 nm in diameter (Chen, Yu, Liu, Chen, et
al., 2011). In contrast, TEMPO oxidized cellulose/water suspension was highly
transparent and FE-SEM observation revealed that the dispersion consisted mostly
individualized CNFs (Eichhorn et al., 2010; Isogai et al., 2011). It shows that during this
oxidation treatment formed large amount of anionic C6 sodium carboxylate groups create
electrostatic repulsion between fibers and make them individualized (Isogai et al., 2011;
Johnson et al., 2009). The width and length of TEMPO oxidized CNFs (Figure 1.2b) was
ranging from 3–15 nm and 10–100 nm of range. This is the first time to develop uniform
nano-sized fibers, which are not only small in diameter but also small in length with more
than 90% yield from agricultural residues. Formation of very small length and
individualized TEMPO oxidized CNFs in this study may be related to the application of
high power ultrasonic treatment for 20 min on the prepared CNF (Chen, Yu, Liu, Chen,
et al., 2011). Also, the obtained small fiber length may be attributed to the nature of
cotton stalks cellulose fibers which has lower crystallinity and shorter length compared
with wood fibers (Rials & Wolcott, 1996). This easy access to produce modified CNFs
with smaller length and high functionalities (carboxyl, aldehyde and hydroxyl) can
potentially substitute the conventional resources, which leads to the establishment of
sustainable and environmentally friendly systems.
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Figure 1.2

FE-SEM micrographs of different extracted CNFs: (a) untreated bleached
pulp CNFs; (b) TEMPO oxidized CNFs; (c) H2SO4 dialyzed CNFs; and
(d) H2SO4 neutralized CNFs.

Sulfuric acid dialyzed and neutralized CNFs (Figure 1.2c & d) have no significant
differences in their dimension, as they obtained from same chemical treatment and shows
diameter and length in the range of 10–50 nm and 200–500 nm, respectively. But, the
yield of these CNFs was low (45%) as compared to untreated bleached pulp and TEMPO
oxidized CNFs. Acid hydrolyzed CNFs also shows incomplete individualization that may
be due to the insufficient sulfate ester groups on the CNFs surfaces (Isogai et al., 2011).
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1.6.3

Atomic force microscopy analysis
Higher resolution and phase images for AFM analysis were captured to determine

the dimensional information and structural surface morphology of the various cellulose
nanofibers after ultrasonication. Cellulose nanofibers extracted from TEMPO-mediated
oxidation (figure 1.3b) has needle-shaped structure with high uniformity due to the
presence of more carboxylate ends on their surface. Similarly, sulfuric acid dialyzed and
neutralized CNFs (figure 1.4c, d) have fiber shaped morphology with little difference in
their lengths and diameters. Comparing the phase images of both acid hydrolyzed and
acid neutralized CNFs, acid neutralized CNFs shows aggregation of nanofibers due to
absence of negatively charged end groups. Similarly, figure 1.3a show compact
agglomeration for untreated bleached pulp nanofibers obtained from mechanical
treatment. This agglomeration displays the intermolecular hydrogen bonding and strong
hydrophilic interaction between cellulosic chains (Chen, Yu, Liu, Chen, et al., 2011;
Chirayil, Joy, et al., 2014; Kumar et al., 2014). The untreated bleached pulp fibers also
have broader size distribution due to the lack of surface charges. In contrast, sulfuric acid
hydrolyzed and TEMPO oxidized nanofibers generate more numbers of charge ends
(sulfonates and carboxylate groups) on their surface, which makes it easy to differentiate
individual nanofibers (Rusli, Shanmuganathan, Rowan, Weder, & Eichhorn, 2011). The
dimensional differences among all cellulose fibers are presented in Table 1.2. Results
obtained by AFM analysis are in good agreement with FE-SEM measurements.
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Figure 1.3

AFM images of different CNFs: (a) Untreated bleached pulp CNFs; (b)
TEMPO oxidized CNFs. (1) Height; (2) Phase images; (3) Diameter
measurements.
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Figure 1.4

AFM images of different CNFs: (a) H2SO4 dialyzed CNFs; (b) H2SO4
neutralized CNFs (1). Height; (2) Phase images; (3) Diameter
measurements.
16

Table 1.2

Length and diameter/dimensional difference between four kinds of CNFs

Cellulose nanofibers

Diameter (nm)

Length (nm)

Yield (%)

TEMPO oxidized CNFs

3–20

10–100

90-95

H2SO4 Dialyzed CNFs

10–50

100–500

45-50

H2SO4 Neutralized CNFs

10–50

200–500

40-45

50–500

>1500

95

Untreated Bleached Pulp
CNFs

1.6.4

Fourier transform infrared spectroscopy analysis
Figure 1.5, showed the FTIR spectrum of the four different cellulose nanofibers.

The dominant spectral band at 3340 and 1040 cm−1 are corresponding to stretching
vibrations of –OH and C–O ether groups. The spectral bands observed in all CNFs
spectra in the region of 1639–1648 cm−1 are due to O–H bending of adsorbed water. All
these spectra were developed after the same carefully drying process, however the water
adsorbed in the cellulose molecules is very difficult to extract due to the cellulose-water
interaction (Morán et al., 2008). Reduction of spectral intensity indicates the removal of
hemicellulose and lignin fractions during processing. The peaks in the region of 2819–
2898 cm−1 are results of antisymmetric and symmetric vibration of –CH2 groups.
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Figure 1.5

FTIR spectra for the different prepared cellulose nanofibers.

Other peaks observed in the range of 1410–1420 cm−1 due to –CH2 scissoring
motion in cellulose, 1368–1373 cm−1 represents C–H bending, ~1317 cm−1 shows CH2
wagging, ~1048 cm−1 corresponds to C–O–C pyranose ring stretching vibration in
cellulose, and peak at 891–896 cm−1 with improved sharpness associated with cellulosic
β-glycosidic linkages (Chen, Yu, Liu, Hai, et al., 2011; Garside & Wyeth, 2003; Kumar
et al., 2014; Morán et al., 2008; Nelson & O'Connor, 1964). Similarly, peaks at 1154–
1159 cm−1 shows C–C ring stretching band. The prominent peak at 1738 cm−1
disappeared completely in all extracted CNFs and indicates the removal of most of the
lignin and hemicelluloses by the successive chemical and ultrasonic treatments (Chen,
Yu, Liu, Hai, et al., 2011). In the spectrum of TEMPO oxidized CNFs have prominent
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peak at 1610 cm−1 corresponds to carbonyl groups that make it different from other acid
hydrolyzed and untreated bleached pulp CNFs (Morán et al., 2008).
1.6.5

Thermal gravimetric analysis
The thermal stability of all freeze-dried CNFs, resulting from four different

treatments is presented in figure 1.6 and table 1.3. All CNFs showed a slight weight loss
at low temperature range from 100–125 °C due to evaporation of absorbed and
intermolecular H–bonded water (Kumar et al., 2014; Li, Wang, & Liu, 2011). However,
the degradation behaviors and pyrolysis processes of treated and untreated CNFs were
completely different in the high temperature range. In the TGA curve represented by
weight (%) and solid lines, thermal degradation of H2SO4 dialyzed and TEMPO oxidized
CNFs begins at temperature 225 °C and 215 °C in nitrogen atmosphere, whereas H2SO4
neutralized and untreated bleached CNFs degradation starts at ~285 °C. In DTG curve
represented by deriv. weight (%/C) and dashed lines, both H2SO4 neutralized and
untreated CNFs showed prominent pyrolysis process with single step degradation and the
major associated weight loss observed in the temperature range from 275–360 °C and
250–390 °C respectively. Though, there was a little difference in degradation temperature
in both kinds of CNFs according to TGA thermograph. Furthermore, the thermal
decomposition of TEMPO oxidized and H2SO4 dialyzed CNFs was completely different
from both H2SO4 neutralized and untreated bleached CNFs. As presented in DTG curve,
the entire pyrolysis of TEMPO oxidized CNFs are in 180–260 °C and 260–350 °C
temperature range, whereas H2SO4 dialyzed CNFs shows two broad peaks that dominates
the overall pyrolysis processes with much wider temperature range in 125–290 °C and
290–510 °C, respectively. In contrast, the degradation temperature of TEMPO oxidized
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CNFs was less (215 °C) than H2SO4 dialyzed (225 °C) CNFs. The reason may the
presence of free sulfate ends on the surface of H2SO4 dialyzed CNFs. It seems that the
CNFs containing free sulfate group in the frame is little more thermally stable in the high
temperature region than that containing sodium carboxylate group, especially in oxidative
conditions.

Figure 1.6

TGA and DTG curves for the different prepared cellulose nanofibers.

As reported in table 1.3, the amounts of char residues from all four kinds of CNFs
are 3, 13, 15, and 28 %, respectively. The substantially large amount of char residue form
TEMPO oxidized CNFs may be due to their very small sized fibers and higher number of
carboxylate groups on surface. Therefore, formation of carboxylate groups in TEMPO20

mediated oxidation by C6 primary –OH groups of cellulose and free sulfate groups lead to
a significant decrease in the thermal degradation point. Thus, thermal properties of
different CNFs depend on preparation method and surface type. These results reveal that
free sulfate groups by dialysis and formed sodium carboxylate groups by TEMPO
oxidation leads to a significant decrease in degradation temperature due to their nano-size
and larger numbers of free ends. The results reveal that the groups introduced in the
backbone can influence the thermal stability of the CNFs.
Table 1.3

Thermal degradation behavior of different cellulose nanofibers.

Cellulose nanofibers

1.7

Thermal degradation
temperature (°C)

Char residue after
575 °C (%)

TEMPO oxidized CNFs

215

28

H2SO4 Dialyzed CNFs

225

13

H2SO4 Neutralized CNFs

285

15

Untreated Bleached Pulp CNFs

280

3

Conclusions
This study reveals that isolation of cellulose from abundantly available

agricultural post-harvesting residues is a proficient utilization for production of CNFs. It
is an environmentally sound method that serves as valuable renewable resources to
produce biodegradable nano-scale reinforcement materials that are relatively cheap. In
this study, various cellulose nanofibers were prepared by different chemical-ultrasonic
21

treatments and compared by many chemical and physical properties. FE-SEM and AFM
analysis clearly explained the difference in dimensions and surface morphology between
nanofibers. Untreated CNFs showed incomplete individualization and broader size
distribution (100–500 nm width and 20 nm length and). Sulfuric acid dialyzed and
neutralized CNFs showed also incomplete individualization and no significant
differences in their dimensions (10–50 nm width and 200–500 nm length). TEMPOmediated oxidation produced uniform and very small CNFs (3–5 nm width and 10–100
nm length) with 90% yield. FTIR spectrum of TEMPO oxidized CNFs showed prominent
peak at 1610 cm−1 corresponds to carbonyl groups that make it different from other
CNFs. Thermographs of DTG-TGA analysis showed that the thermal decomposition of
TEMPO oxidized and H2SO4 dialyzed CNFs was completely different from both H2SO4
neutralized and untreated bleached CNFs. Production of very small and uniform CNFS
from TEMPO-mediated oxidation and Introducing various appropriate functional
moieties make the produced fibers are much more effective for use in a wide range of
industrial applications.
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CHAPTER II
TRANSPARENT BIONANOCOMPOSITE FILMS BASED ON CHITOSAN AND
TEMPO-OXIDIZED CELLULOSE NANOFIBERS WITH ENHANCED
MECHANICAL AND BARRIER PROPERTIES
2.1

Abstract
The development of biobased active films for use in food packaging is increasing

due to low cost, environmental appeal, renewability and availability. The objective of this
research was to develop an effective and complete green approach for the production of
bionanocomposite films with enhanced mechanical and barrier properties. This was
accomplished by incorporating TEMPO-oxidized cellulose nanofibers (2,2,6,6tetramethylpiperidine-1-oxyl radical) into a chitosan matrix. An aqueous suspension of
chitosan (100−75 wt %), sorbitol (25 wt %) and TEMPO-oxidized cellulose nanofibers
(TEMPO-CNFs, 0−25 wt %) were cast in an oven at 40 °C for 2-4 days. Films were
preconditioned at 25°C and 50% RH for characterization. The surface morphology of the
films was revealed by scanning electron microscopy (SEM) and atomic force microscopy
(AFM). The thermal properties and crystal structure of the films were evaluated by
thermogravimetric analysis (TGA-DTG) and X-ray diffraction (XRD). Incorporation of
TEMPO-CNFs enhanced the mechanical strength of the films due to the high aspect ratio
(3−20 nm width, and 10−100 nm length) of TEMPO-CNFs and strong interactions with
the chitosan matrix. Oxygen and water vapor transmission rates for films that are
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prepared with chitosan and TEMPO-CNFs (15−25 wt %) were significantly reduced.
Furthermore, these bionanocomposite films had good thermal stability. Use of TEMPOCNFs in this method makes it possible to produce bionanocomposite films that are
flexible, transparent, and thus have potential in food packaging applications.
2.2

Introduction
Since the 1980s, plastic debris has accumulated on the earth due to the production

and use plastic packaging that is not biodegradable (Thompson, Moore, vom Saal, &
Swan, 2009). This has contributed to environmental issues caused by non-biodegradable
waste materials and the depletion of natural resources. Approximately more than 300
million tons of plastic are produced throughout the world (Thompson et al., 2009).
Packaging is the largest single market of plastics. In addition plastic disposal contributes
to growing landfills and enhanced greenhouse effects when plastics are burned (Rhim &
Ng, 2007). With the growing consumer demand for high quality food products and
concern for limited natural resources, researchers have investigated the use of biobased
materials that are environmentally friendly, biodegradable, renewable, and abundant in
nature. These biobased materials are being investigated for their feasibility to replace
petrochemical based packaging such as, polyolefins and polyesters with a variety of
renewable biopolymers. Polysaccharides (Krochta & Mulder-Johnston, 1997), proteins
(Cuq, Gontard, & Guilbert, 1998), lipids (Gennadios, Ghorpade, Weller, & Hanna, 1996),
and their composites (T Bourtoom, 2008), can be used to produce biodegradable
packaging that can maintain product quality and reduce waste disposal problems. Water
vapor and oxygen permeability, mechanical strength, transparency, and flexibility are
important properties for packaging films. Therefore, film formation requires the use of at
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least one component that is capable of forming a structural matrix with a sufficient
cohesiveness. The degree of cohesion of the polymer matrix affects film properties such
as density, permeability and porosity, brittleness and flexibility (Rhim & Ng, 2007).
Previous research has evaluated chitosan (Martínez-Camacho et al., 2010), starch
(Ghanbarzadeh, Almasi, & Entezami, 2011), hemicellulose (Hansen & Plackett, 2008),
xylan (Saxena, Elder, & Ragauskas, 2011), cellulose (Y. Wu et al., 2016), and their
derivatives for film forming properties.
Chitosan is a natural polycationic, deacetylated derivative of chitin, which is
found in the crustacean’s shell, insect’s cuticle and cell wall of fungi. It is a linear
polysaccharide consisting of (1,4)-linked 2-amino-deoxy-β-d-glucan, which is the second
most abundant polysaccharide found in nature after cellulose (Dutta, Dutta, & Tripathi,
2004). Chitosan exhibits unique physicochemical properties including biocompatibility,
non-toxicity, biodegradability, excellent film forming ability and strong antimicrobial and
antifungal activities (Darmadji & Izumimoto, 1994; Jo, Lee, Lee, & Byun, 2001).
Chitosan has been evaluated for its applicability in biotechnology, pharmaceutics,
biomedicine, packaging, wastewater treatment, cosmetics, and food science among others
(Belgacem & Gandini, 2011). Chitosan has been used to produce active biodegradable
films to extend the shelf-life of food and prevent contamination. Chitosan may be more
advantageous than other biomolecule based active films due to its antimicrobial activity
and ability to chelate bivalent minerals (Chen, Zheng, Wang, Lee, & Park, 2002).
However, despite the numerous advantages and unique properties of chitosan, its films
are poor barriers to gas and water vapor and have poor mechanical properties, which
restricts its use in packaging applications. Therefore, several strategies have been used to
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improve the mechanical and barrier properties of chitosan films, including blending
chitosan with polyvinyl alcohol (H. Z. Li, Chen, & Wang, 2015), poly N-vinyl
pyrrolidone (Sakurai, Maegawa, & Takahashi, 2000), polyethylene glycol (Kiuchi, Kai,
& Inoue, 2008), polyethylene oxide (Amiji, 1995), starch (Thawien Bourtoom &
Chinnan, 2008), collagen (Sionkowska, Wisniewski, Skopinska, Kennedy, & Wess,
2004), cellulose (Dehnad, Mirzaei, Emam-Djomeh, Jafari, & Dadashi, 2014; S. C.
Fernandes et al., 2009; S. C. M. Fernandes, Freire, Silvestre, Pascoal Neto, & Gandini,
2011; Shih, Shieh, & Twu, 2009), carboxymethyl cellulose (Dayarian, Zamani, Moheb,
& Masoomi, 2014), sulfonated cellulose fibers (H. Z. Li et al., 2015),
hydroxypropylmethylcellulose (Sebti, Chollet, Degraeve, Noel, & Peyrol, 2007), and
cellulose acetate (Abou-Zeid et al., 2011). Polymer blending is the most effective method
to create biobased films with desirable properties.
The formulation of composite films from the utilization of green materials
contributes to a more sustainable society. Chitosan-cellulose combinations are compatible
due to structural similarity, which results in fibers with the physicochemical properties of
chitosan and the mechanical properties of cellulose fibers (Twu, Huang, Chang, & Wang,
2003; Y.-B. Wu et al., 2004; Yin, Luo, Chen, & Khutoryanskiy, 2006). Cellulose is used
to produce potential reinforcing bionanomaterials called cellulose nanofibers (Soni,
Hassan, & Mahmoud, 2015). Cellulose nanofibers (CNFs) have been researched for their
use in biodegradable packaging due to their renewable, low cost, low density, and
nonabrasive nature. This allows them to formulate bio-based nanocomposites with easy
process ability. All these important characteristics of CNFs have made it an attractive
candidate for nanomaterial research fields. More recently, cellulose of hardwood pulp
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(Shih et al., 2009) and nanocellulose (Dehnad et al., 2014) have been incorporated into
chitosan matrices to produce bionanocomposite films. Similarly, cellulose nanowhiskers
(CNWs) and cellulose nanocrystals (CNCs) have been reinforced into chitosan
biopolymers to produce green nanocomposite films, with improved thermal, mechanical
and oxygen barrier properties (De Mesquita, Donnici, & Pereira, 2010; El Miri et al.,
2015; H. Z. Li et al., 2015). However, in these research projects, water vapor
permeability and transparency of the films was not evaluated. Furthermore, bacterial
cellulose (S. C. Fernandes et al., 2009) incorporated into chitosan matrix have shown
reasonable thermal, and mechanical properties but have not shown any concern about
moisture permeability and oxygen barrier quality. Polysaccharides are generally good
oxygen barriers because hydrogen bonds contribute to excellent packing of the material
and thus a low permeability. Water vapor and oxygen resistivity are fundamental
requirement for new packaging materials since water molecules contribute microbial
growth and influence the shelf life of the packaged products at different water activities
and temperatures. Oxygen promotes degradation mechanisms in food such as corrosive
phenomena, oxidations, and great modification of organoleptic properties (Russo, Simon,
& Incarnato, 2006). The tensile strength is an important factor in the film forming
processes since brittle films are more likely to fracture. Thus testing tensile strength is a
good way to measure how strong a material will be under certain conditions. In a long
run, it is necessary to ensure a safe, high quality material and avoiding the major
liabilities associated with providing non-compliant products. These actions will keep the
end consumer satisfied and dramatically reduce the chance of failure of the packaging.
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Recently, completely individualized cellulose nanofibers have been extracted
from cotton stalks (Soni et al., 2015) by 2,2,6,6-tetramethylpiperidine-1-oxyl radical
(TEMPO)-mediated oxidation under moderate aqueous condition (Saito, Kimura,
Nishiyama, & Isogai, 2007). This oxidation process coupled with ultrasonication
selectively converts primary alcohols to aldehyde and carboxylate groups (Soni et al.,
2015). The width and length of TEMPO-CNFs was ranging from 3−15 nm and 10−100
nm of range. This was the first time to develop uniform nano-sized fibers, which are not
only small in diameter but also small in length with more than 90% yield from cotton
stalks (Soni et al., 2015). However, to the best of our knowledge, there are no studies
about the blending of TEMPO-oxidized cellulose nanofibers and chitosan for producing
bionanocomposite films with enhanced comprehensive performance for packaging
applications. Hydrogen bonds and electrostatic attraction between the negatively charged
carboxylate groups (−COO−) and the positively charged ammonium groups (−NH3+) of
chitosan are the driving force for the best combination of both the polymers (Figure 2.1).
Therefore, these strong bonds ensure the high compatibility between both TEMPO-CNFs
and the chitosan biopolymers.
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Figure 2.1

The schematic representation of intermolecular hydrogen bonds and
electrostatic interactions in chitosan/TEMPO-CNFs nanocomposite film.

The aim of this research is to describe a fully green approach for the preparation
of transparent and high performance bionanocomposite films based on chitosan matrices
with TEMPO-oxidized cellulose nanofibers as reinforcing agents. Extensive
characterization of the chitosan/TEMPO-CNFs films revealed the unique properties of
these films.
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2.3
2.3.1

Experimental
Materials
Chitosan (DDA ~ 72%) was synthesized from Mississippi gulf brown shrimp

(penaeus aztucus) exoskeletons, which were obtained from the Mississippi Gulf Coast in
Biloxi, MS. Cellulose was isolated from cotton stalks by alkaline-acid pretreatment and
used for the preparation of nanocellulose by the TEMPO-mediated oxidation method
(Soni et al., 2015). Morphological (FE−SEM, AFM), structural (FTIR), and thermal
analysis (TGA-DTG) of TEMPO-CNFs were investigated in our previous work (Soni et
al., 2015). All chemicals used in this study were purchased from commercial resources
and used as received without further purification. The following chemicals were
purchased from Fisher Scientific, USA: ethanol (95%), glacial acetic acid, calcium
sulfate, calcium nitrate, magnesium nitrate hexahydrate, potassium sulfate, sorbitol, and
TEMPO [(2,2,6,6-tetramethylpiperidin-1-yl) oxy radical]. Teflon petri dish (140
mm×140 mm) liner was purchased from Fluoro Lab, USA.
2.3.2

Casting of Chitosan/TEMPO-CNFs films
Films were prepared by mixing chitosan, TEMPO-CNFs, and sorbitol in 2%

glacial acetic acid solution for 1 h at 70 °C. The total amount of dry substance (chitosan,
sorbitol, and TEMPO-CNFs) in each film was maintained at 1.25 g. The TEMPO-CNFs
contents in the nanocomposite films were 0, 5, 10, 15, 20, and 25 wt % of the total dry
mixture, respectively. Sorbitol was kept constant at 25.0 wt % (based on the dry weight
of chitosan and TEMPO-CNFs). Vacuum was applied to degas the film solutions to
prevent microbubble formation. Solutions were poured onto 140 mm ×140 mm petri dish
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liners and dried in an oven at 40 °C for 2−4 days. It was then peeled carefully from the
petri dish.
2.4
2.4.1

Characterization of films
Film thickness and conditioning
Before characterization, all film samples were preconditioned for at least 48 h in a

constant temperature and humidity chamber (25 °C and 50% relative humidity (RH)) to
ensure the stabilization of their water content. Film thickness was determined using a
Fowler & NSK Max Cal electronic digital caliper. Ten measurements from each film
were taken and reported as the average. These measurements were used in further
analysis for water vapor transmission rate, oxygen transmission rate, and tensile strength.
2.4.2

Field emission scanning electron microscopy (FE-SEM)
Surface morphology of chitosan/TEMPO-CNFs blended films were examined

before and after tensile strength investigation using FE-SEM (JEOL JSM-6500F Field
Emission Scanning Electron Microscope). Films were mounted on aluminum specimen
stubs using double adhesive carbon tapes and subjected directly to a high-performance
scanning electron microscope to take the micrographs. Fractured surfaces after the tensile
test were placed onto stubs (45/90°) and coated with 10 nm platinum that was sprayed in
EMS 150T ES sputter coater for fine grain sputtering, and then observed under FE-SEM.
Micrographs were taken at an accelerating voltage of 5.0–10 kV.
2.4.3

Atomic force microscopy (AFM)
Topography and nanomorphology of film surfaces were studied using a

Dimension Icon AFM ScanAsyst Bruker (USA) instrument. Prior to examination, small
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pieces of film were glued onto AFM specimen metal disks using Lift-N-Press™ Tabs and
fixed to a magnetic sample holder located on the top of the scanner tube using a vacuum.
Topographic (height) and phase images were scanned in tapping mode using a 1–10Ω cm
phosphorus (n) doped rectangular silicon cantilever from Veeco probes (MMP-1110010). The resonance frequency was between 276−317 kHz, and images were recorded
under ambient air conditions.
2.4.4

X-ray diffraction (XRD)
The X-ray diffraction pattern for each of the all chitosan/TEMPO-CNFs film

(Preconditioned at 50% RH) was measured using a Rigaku smartlab X-ray diffractometer
(Ultima III XRD, Rigaku Americas, The Woodlands, TX) to evaluate crystallinity in the
film. Samples were analyzed in continuous mode in the angular range of 3°– 60° (2θ)
with step increment of 0.02° (2θ). The Cu Kα radiation generated at 40 kV and 44 mA
was monochromatized using the Kβ filter method at the wavelength of λ = 0.15418 nm.
2.4.5

Optical Transmittance
The transmittance spectra of the films were scanned from 200 to 800 nm

wavelength using Cary 100 Bio UV–vis Spectrophotometer (Varian Australia, Australia).
Transmittance was measured by inserting a slide of each film in the cuvette stand, so the
beam was oriented at 90° with respect to the slide. The measurement was done in
triplicate.
2.4.6

Moisture absorption
Moisture absorption was measured according to Angles and Dufrense (Angles &

Dufresne, 2000). Four pieces of each film were cut into 2 cm × 2 cm squares and
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conditioned at 0% RH for 24 h. Samples were then weighed and placed in a desiccator at
55% RH. The relative humidity was created with a saturated solution of calcium nitrate at
22−25 °C. The samples were weighted at desired intervals until the equilibrium state was
reached. The moisture absorption was calculated using the following equation:
𝑀𝑜𝑖𝑠𝑡𝑢𝑟𝑒 𝑎𝑏𝑠𝑜𝑟𝑝𝑡𝑖𝑜𝑛 (%) =

𝑊𝑡 −𝑊𝑜
𝑊𝑜

× 100

Eq. (2.1)

where, Wt is the weight of the sample after t time at 55% RH and and Wo is the initial
weight of the sample. Four replicate measurements were taken for each film.
2.4.7

Water solubility
Water solubility of each film was determined as the percentage of dry matter of

the film solubilized after 24 h of immersion in distilled water. Film samples from each
type of film were cut and dried at 105 °C for 24 h to determine the weight of the initial
dry matter. Approximately 200 mg of each film sample was immersed in a beaker
containing 20 mL of distilled water for 24 h at 23 oC with periodical, gentle stirring. The
samples were removed from water and undissolved dry matter was determined by drying
in an oven at 105 °C until a constant weight was obtained. The percentage of the total
soluble matter (%TSM) was calculated using the following equation:
TSM(%) =

initial dry weight−final dry weight
initial dry weight

× 100

Eq. (2.2)

TSM tests for each type of film were performed in three replicates.
2.4.8

Water vapor transmission rate (WVTR)
The water vapor transmission rate was determined gravimetrically using a

modified ASTM method E96−95. Plastic cups, with an average diameter of 2 cm and a
depth of 4.5 cm were utilized to determine the WVTR of the films. Initially, films were
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cut into discs with a diameter slightly larger than the diameter of the cup. Approximately
3.0 g of anhydrous CaSO4 was placed in each cup and sealed with transparent films of
varying composition using epoxy glue to maintain the RH at 0% in the cups. All cups
were placed in a desiccator. Use of a saturated solution of K2SO4 (25 °C) created a RH of
97 % in the desiccator. Cups were weighed every 2 h for a day then every 12 h for two
days and then measurements were carried out every 24 h for 2 days. The amount of water
that permeated through the film was determined based on the weight that was gained in
the cups throughout the time frame of measurements. Tests were conducted in duplicate
for each sample and water vapor transmission rate (g Pa−1 h−1m−1) was calculated.
2.4.9

Oxygen transmission rate (OTR)
OTR of nanocomposite films was analyzed on a MOCON OX-TRAN® 2/21

(Modern Controls Inc., Minneapolis, MN, USA) apparatus equipped with a coulometric
oxygen sensor. Samples were placed in a specimen area of 5 cm2 aluminum masks and
sealed with epoxy. The ASTM standards that were used include D−3985 and F−1927.
The film was exposed to 100% oxygen on one side and a mixture of 98% nitrogen and
2% hydrogen on the other side. Oxygen permeability (OP) values were calculated by
dividing the oxygen transmission rates by the differential partial pressure of oxygen
across the film (1 atm or 101.3 kPa) and multiplying by the film thickness (NisperosCarriedo, Krochta, & Baldwin, 1994). The measurements were carried out in duplicate at
23 °C, 50% RH for 24 h. The OP was reported as cc mil (m-2day-1atm-1), whereas the
OTR was reported as cc (m-2day-1).
𝑂𝑃 =

𝑂𝑇𝑅.𝑙
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∆𝑝

Eq. (2.3)

where 𝑙 is the sample thickness and ∆p is the difference in partial pressure of oxygen at
the two sides of the films. ∆p was 1 atm in this study.
2.4.10

Thermal gravimetric analysis (TGA)
Thermogravimetric analyses of different films were carried out in duplicate, using

a Thermo Scientific SDT Q600 series Thermogravimetric Analyzer (TA instrument).
Samples weighed between 9–11 mg and were heated from room temperature to 700 °C in
alumina cups at a heating rate of 10 °C/min. All experiments were performed under N2 at
a flow rate of 35 mL/min in order to prevent degradation by thermal oxidation.
2.4.11

Mechanical properties
The mechanical properties of the conditioned films were measured with an

Instron model 3345 testing machine with a 50 N load cell. All tests were carried out
according to ASTM D882−12 standards and at least five specimens were tested for each
composition. Films were cut into 70 mm ×10 mm rectangles and conditioned at 50%
relative humidity and 23 °C for at least 5 days prior to analysis. Each film specimen was
mounted between the grips (lined with rubber). The initial separation distance between
the grips was set at 50 mm and the cross-head speed was 5 mm/min, respectively. Tensile
stress (TS, MPa), young’s modulus (Y, MPa) and elongation at break (εb, mm) were
calculated using Bluehill 2 software.
2.5
2.5.1

Results and Discussion
Film thickness and conditioning
In order to enhance film properties, it is necessary to introduce a second

component into the chitosan polymer. The drying step involved in film formation causes
39

contraction in film to some extent after evaporating the solvent. An addition of TEMPOCNFs has improved the film formation and prevented the contractions during drying
process as well. TEMPO-CNFs allow chitosan to form continuous films of various
shapes easily without any deformation (Nordqvist et al., 2007). The films made of
different compositions of TEMPO-CNFs were homogeneous, flexible, and transparent.
Film thickness was dependent on the film nature and composition (Table 2.1). Films
containing higher amounts of TEMPO-CNFs were slightly thicker than the 100%
chitosan film. This thickness change may be caused by the compact differences between
chitosan chains, anions of TEMPO-CNFs and their interactions. It is known that chitosan
and CNFs are miscible polymers via hydrogen bonding interactions. Both polymers
contain free –OH groups. CNFs are also soluble in water due to their hydrophilic nature.
Interestingly, TEMPO-oxidized CNFs exhibit free anionic carboxylate groups on their
surfaces, which interact with the free ammonium cations of chitosan molecules. When
TEMPO-CNFs are added to the chitosan matrix, an interconnected bond network can be
formed through electrostatic interactions and hydrogen bonding. Also, the one component
film of chitosan/CNFs ratio 100/0 dried more quickly than 80/20 and 75/25 two
component films. This suggests that unbound water molecules were trapped within the
network of the two component films and therefore, evaporated more slowly (Hartman,
Albertsson, Lindblad, & Sjoeberg, 2006). The sorbitol has a low molecular weight and
therefore may intercalate between both polymeric chains, spacing them a part, and thus
make the film softer. Therefore, a self-supporting, flexible and continuous film can be
obtained by incorporating TEMPO-CNFs into chitosan matrix.
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Table 2.1

Samples
(wt/wt)

Development of bionanocomposite films of various compositions based on
chitosan/TEMPO-CNFs.
Chitosan
TEMPO
Sorbitol 2% Acetic acid
(wt%) CNFs (wt%) (wt%) solution (g/mL)

Casting
solution
(mL)

Thickness
(mm)

Moisture
content (wt%)

100/0

100

0

25

1.25/150

100

0.1143

6.7

95/5

95

5

25

1.25/150

100

0.1219

7.5

90/10

90

10

25

1.25/150

100

0.1498

8.1

85/15

85

15

25

1.25/150

100

0.1295

7.8

80/20

80

20

25

1.25/150

100

0.1346

8.4

75/25

75

25

25

1.25/150

100

0.1498

10.2

2.5.2

Field emission scanning electron microscopy
SEM images of the bionanocomposite films and fractured surfaces by tensile

testing are shown in Figure 2.2. The surface morphology showed the proper dispersion
and tightly packed structure of TEMPO-CNFs into chitosan matrix. Figure 2.2a, showed
a uniform morphology with small flakes or dots that tend to accumulate on the film
surface. All nanocomposite films with uniform thickness were smooth, without any
macroscopic bubbles, cracks, and pores. Surfaces of film composition 100/0 and 95/5
were smooth and flat whereas films surface with different compositions (90/10, 85/15,
80/20, and 75/25) exhibited a homogeneous, but wavy surface. Higher TEMPO-CNFs
containing films were little rough because of very small needle shaped (Soni et al., 2015)
TEMPO-oxidized nanofibers. There was no aggregation of TEMPO-CNFs observed that
indicates, TEMPO-CNFs were dispersed homogeneously with chitosan matrix, thus
formed strong interaction and adhesion on the interfaces of both polymeric chains. This
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excellent dispersion of nano-sized TEMPO-CNFs in the blend matrix was directly
correlated with its effectiveness in improving the properties of bionanocomposite films.

Figure 2.2

FE-SEM micrographs of different chitosan/TEMPO-CNFs
bionanocomposite films, (Figure 2.2a) surface morphology and (Figure
2.2b) fractured surface morphology.

The fractured surfaces of nanocomposite films in Figure 2.2b, explained the
influence of TEMPO-CNFs onto chitosan matrix. Bionanocomposite film compositions
of 95/5 to 75/25 displayed that TEMPO-CNFs appear to be embedded in the chitosan
matrix. They have dense structure due to rigid hydrogen bonded network and due to their
higher crystallinity. Moreover, an increase of surface roughness is evident. The SEM
micrographs also provided the evidence of the good dispersion of TEMPO-CNFs on the
chitosan matrix without noticeable aggregation even for films with high reinforcement
ratios (85/15, 80/20, and 75/25).
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2.5.3

Atomic force microscopy
The topography of produced films is analyzed by Atomic Force Microscopy. All

images with higher resolution were recorded to determine the surface structural
information, whereas the height images were generated for the additional morphology
and surface roughness of the films. Observed AFM images are shown in Figure 2.3.
Height images revealed that the needle shaped, very small sized TEMPO-CNFs with
diameter of 3−20 nm and length 10−100 nm (Soni et al., 2015) were strongly connected
to chitosan polymer and formed composed structure. Due to high aspect ratio and in-build
structure in chitosan matrix, it was difficult to identify TEMPO-CNFs, even if their
content was very high (20−25 wt %). The surface of films 80/20 and 75/25 showed rough
orientation, similar morphology was reported for the other chitosan based films (S. C.
Fernandes et al., 2009) as well as films of other nanocomposites such as, nanocellulosic
xylan (Saxena, Elder, Pan, & Ragauskas, 2009), and polyvinyl alcohol-cellulose (Cheng,
Wang, & Rials, 2009). In this study, TEMPO-CNFs were in contact with each other and
surrounded by chitosan molecules that leads to a continuous network between both of
them, thus filler was evenly distributed within the polymeric matrix.
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Figure 2.3

2.5.4

AFM images of different chitosan/TEMPO-CNFs bionanocomposite films.

X-ray diffraction
The X-ray diffractograms of all film compositions displayed similar diffraction

peaks (Figure 2.4). A sharp distinct peak was observed at (2θ = ~ 44.6°) indicating that
the films produced with 2% acetic acid casting method are mainly crystalline. 100%
chitosan films showed two major broad peaks at 2θ of approximately 9.77° and 19.88°.
Addition of TEMPO-CNFs slightly displaced the position of these peaks to higher angles
and increased their intensity. The differences in peak intensity and displacement between
100% chitosan film and chitosan/TEMPO-CNF films were not significant. This
indicating that the crystallinity of the prepared films slightly increased with increasing the
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content of TEMPO-CNF. This phenomenon is most likely explained by the organized
deposition of chitosan chains on the surface of the crystalline domains of the TEMPOCNFs. The presence of sorbitol does not change the crystalline structure. Similar results
have been reported for chitosan based composite films with nanofibrillated cellulose,
bacterial cellulose, and sulfonated cellulose (S. C. Fernandes et al., 2010; S. C. Fernandes
et al., 2009).
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Figure 2.4

X-ray diffraction of different chitosan/TEMPO-CNFs bionanocomposite
films.
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2.5.5

Optical Transmittance
The UV-vis spectra of all films are presented in Figure 2.5. In the range of 200-

800 nm, 100% chitosan film showed optical transmittance of 85.9% whereas 95/5, 90/10,
and 85/15 films have 77.5%, 69.1% and 62.4% transmittance. Films 80/20 and 75/25
showed less optical transmittance (58.1% and 51.2%) which indicated that addition of
higher amounts of TEMPO-CNFs (20-25 wt%) decreases the transparency of film.

Figure 2.5

2.5.6

Optical transmittance of different chitosan/TEMPO-CNFs
bionanocomposite films.

Moisture absorption of the films
Incorporation of various amounts of TEMPO-CNFs in the chitosan matrix

reduced water absorption in the films (Figure 2.6). Hydrogen bonds and electrostatic
interactions between the negatively charged carboxylate groups on the TEMPO-CNFs
surface and the ammonium groups of chitosan were the driving forces for such
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improvement in the water resistibility (De Mesquita et al., 2010; Krumova, López,
Benavente, Mijangos, & Pereña, 2000). The high number of hydroxyl groups (–OH) in
the 100/0 chitosan/CNFs film absorbed 12.6% moisture. A gradual decrease in total water
absorption was achieved as CNF inclusion concentration increased from 95/5 to 75/25.
Moisture absorption was stabilized for all films by 24 h due to saturation. Similar results
were obtained by other researchers who observed a reduction of water absorption when a
composite was made with the incorporation of hydroxypropylmethylcellulose (BilbaoSáinz, Avena-Bustillos, Wood, Williams, & McHugh, 2010; Sebti et al., 2007), wood
hydroxylate (Edlund, Ryberg, & Albertsson, 2010), and spruce galactomannan
(Mikkonen, Heikkilä, Helén, Hyvönen, & Tenkanen, 2010) into different natural
biopolymers. The moisture uptake decreased as the TEMPO-CNFs content increased.

Figure 2.6

Moisture absorption of different chitosan/TEMPO-CNFs bionanocomposite
films
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2.5.7

Barrier properties of the films
Incorporation of TEMPO-CNFs into the chitosan matrix was able to increase the

water solubility of films. Water solubility increased from 12.8% to 51.9% as TEMPOCNFs content was increased from 0 to 25 wt % (Figure 2.7a). Carbonyl groups in
cellulose nanofibers can form strong electrostatic interactions with ammonium groups on
chitosan and thus decrease water sensitivity. However, increasing TEMPO-CNFs
concentration increased the water solubility of the films. This can be explained as a result
of the chitosan and TEMPO-CNFs having a greater affinity for water than each other
since ammonium and carboxylate groups can interact more easily with water molecules
and form a strong hydrogen bonding network. This reduces the cohesiveness between
film components and therefore increases the water solubility of the films. Accordingly,
chitosan films with high TEMPO-CNF are not disirable for preserving liquid food or
liquid‐containing food. Adding hydrophobic agents during manufacturing of
chitosan/TEMPO-CNF films might be necessary to decrease water solubility.
Water vapor transmission rate (WVPR) is the most important feature of
bionanocomposite films for their application in food industry. The mechanism of water
vapor transmission (WVTR) is a diffusion process in which water vapor condenses and
dissolves on the film surface and then liquid water diffuses through the film.
Bionanocomposite films must prevent moisture transfer between food and the
surrounding atmosphere to be used in food packaging applications. The WVTR of 100%
chitosan films was 3.28×10-8 g Pa−1 h−1m−1 (Figure 2.7a). Increasing the concentration of
cellulose nanofibers caused a gradual decrease in the WVTR of the films. The film
compositions of 95/5, 90/10 and 85/15 lead smaller WVTR values (3.26×10-8 g Pa−1
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h−1m−1, 3.23×10-8 g Pa−1 h−1m−1, and 3.22×10-8 g Pa−1 h−1m−1) than 100% chitosan films.
This could be attributed to the hydrophilic –OH groups in the of chitosan polymer not
interacting with the TEMPO-CNFs because the concentration is too low (5−15 wt %).
Furthermore, in films with low TEMPO-CNFs concentration (100/0, 95/5, and 90/10),
chitosan might congregate, which would negate the functionality of the TEMPO-CNFs
and thus facilitate water vapor permeation through the matrix. However, WVTR values
(2.89×10-8 g Pa−1 h−1m−1 and 2.63×10-8 g Pa−1 h−1m−1) of films with 80/20 and 75/25
chitosan/CNFs ratio were less than the others. It explains that increment of TEMPOCNFs into chitosan matrix increases the inter chain between both the polymers which
leads to reduce water vapor diffusivity through the film and obstruct the water vapor
transmission. This also agree with results reported for other packaging applications
(Famá, Gerschenson, & Goyanes, 2009; Ma, Chang, & Yu, 2008; Soni et al., 2015). This
corresponds to the highly crystalline and hydrophobic character of the TEMPO-CNFs
that disperse well in the chitosan matrix and block the water vapor transmission
(Fujisawa, Okita, Fukuzumi, Saito, & Isogai, 2011). Also, as reported previously, the
sorption and the diffusion phenomena took place exclusively in the amorphous phase of
the polymer and not in its highly crystalline zones. The crystalline portion increases the
effective path length of gas diffusion and seems to reduce the mobility of the polymer
chains because chain-ends are blocked in the crystalline phase lamellae (Pauly, 1989).
Therefore, the decrease in water vapor and oxygen permeability for films with 80/20 and
75/25 chitosan/CNFs ratio is another evidence for the crystallinity increase which was
observed by XRD.
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Figure 2.7

Water and oxygen barrier properties of different chitosan/TEMPO-CNFs
bionanocomposite films.

Oxygen transmission rate (OTR) measures the amount of gas that passes through
a substance over a given period of time. Oxygen transmission can lead to oxidation,
which triggers several food changes such as odor, color, flavor, and nutrient deterioration.
Accordingly, obtaining nanocomposite films with proper oxygen barrier can help
improving food quality and extending food self-life. OTR and oxygen permeability (OP)
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values of chitosan based nanocomposite films with various loads of TEMPO-CNFs are
shown in Figure 2.7b. TEMPO-CNFs based nanocomposite films had a greater barrier to
oxygen than the film made of 100% chitosan. Nanocomposite films with 80/20 and 75/25
compositions showed excellent oxygen barrier properties. In the previous study, SEM
and AFM analysis showed that TEMPO-oxidized CNFs have a road like structure with a
width of 3−20 nm and length of 10−100 nm (Soni et al., 2015). Therefore, TEMPOCNFs form a compact structure with chitosan molecules due to strong intermolecular
attraction, which prevents gas from permeating through the films.
A high oxygen barrier film has an oxygen transmission rate range of
approximately 1−10 cc (m−2.day−1) (Abdellatief & Welt, 2013). The average oxygen
transmission rate for 100% chitosan film was 0.45 cc (m−2.day−1) which was less than
nanocellulose (0.74 cc (m−2.day−1)) (Sirviö et al., 2014), xylan (354.950 cc (m−2.day−1)),
and 25% sulfonated nanocrystalline cellulose/xylan (1.038 cc (m−2.day−1)) film ((Saxena,
Elder, Kenvin, & Ragauskas, 2010), but greater than the films with TEMPO-CNFs
reinforced into the chitosan matrix (0.21 to <0.05 cc (m−2.day−1)). OTR values of
packaging films prepared from commercial polyethylene terephthalate (PET), polyamideethylene vinyl alcohol (PA-EVOH-PA), and polypropylene-ethylene vinyl alcohol (PPEVOH-PP) have been reported in the range of 110, 0.5, and 0.3 cc (m−2.day−1),
respectively (Brody, Bugusu, Han, Sand, & McHugh, 2008; Mogna, 2014; Strupinsky &
Brody, 1998). Therefore, the OTR values of TEMPO-CNFs blended chitosan films in this
study were comparable with OTR values of packaging films that are currently utilized in
the food industry. These results indicate that chitosan/TEMPO-CNFs nanocomposite
films can be used as a natural packaging to protect food from oxidation reactions.
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2.5.8

Thermal gravimetric analysis
Figure 2.8 shows that all films decreased in weight at 100 °C due to the

evaporation of absorbed and intermolecular H–bonded water and acetic acid (Kumar,
Negi, Choudhary, & Bhardwaj, 2014; W. Li, Wang, & Liu, 2011; Soni et al., 2015). The
amount of absorbed water in 100/0 film is higher than that of the 75/25 film, suggesting
that the TEMPO-CNFs were well dispersed within the chitosan matrix, thus preventing
the absorption of moisture by the films. The TGA curve represented by weight (%) and
solid lines, thermal degradation of the 100/0 chitosan film and other TEMPO-CNFs
reinforced films initiated at 240−250 °C under N2 (Figure 2.8). In DTG curve presented
by deriv. weight (%/°C) and dashed lines, all films showed prominent pyrolysis with
single step degradation and the major associated weight loss was observed from 220−380
°C. In our previous study, thermal degradation of TEMPO-CNFs alone was initiated at
215 °C and entire pyrolysis temperature range was 180−350 °C (Soni et al., 2015). This
decrease in their degradation temperature was due to their nano-size and larger number of
free ends. In this study, there are no much difference in the degradation temperature of
all nanocomposite films, these films showed higher thermal stability, which is mainly due
to the presence of the crystalline structure and great compactness between both chitosan
and TEMPO-CNFs. This result revealed that the introduced −COOH groups can
influence the thermal stability of the chitosan based composites.
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Figure 2.8

2.5.9

TGA-DTG thermograph of different chitosan/TEMPO-CNFs
bionanocomposite films.

Mechanical properties of the films
The average values of tensile stress, tensile strain, young’s modulus and

elongation at break of the prepared films are presented in Figure 2.9. In general, tensile
strength increases and the strain at break decreases as the amount of cross linking agent
increases. In a similar way, the stress and strain mechanical properties curve (Figure 2.9a)
of nanocomposite films showed the transition from ductile to plastic behavior when the
TEMPO-CNFs concentration was increased from 5 to 25 wt %. 100% chitosan films
were relatively weak as indicated by the maximum stress of 10.7 MPa. The addition of
higher TEMPO-CNFs content (20−25 wt %) increased both tensile stress and young’s
modulus from 17.5−18.7 MPa and 545−652 MPa, which were much higher than the
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100% chitosan films. This indicates a high load bearing capacity. Nanocomposite films
80/20 and 75/25 showed a much higher young’s modulus and more rigid feature that can
be attributed due to the formation of a TEMPO-CNFs and chitosan network. The graphs
of young’s modulus (Y) and elongation at break (εb) (Figure 2.9b) indicate that the
highest Y and Lowest εb values were associated with 75/25 films. This could be
attributed to the cross linking effect, strong electrostatic interactions and hydrogen bonds
of TEMPO-oxidized nanofibers in the chitosan matrix. Similar results were reported for
other natural macromolecule based films reinforced with CNFs. For example, the tensile
stress of xylan rich hemicellulose films increased from 11.9 to 39.5 MPa, and young’s
modulus increased from 735 to 3304 MPa by incorporation of 20 wt % CNFs into the
film (Peng, Ren, Zhong, & Sun, 2011). Likewise, the tensile stress of an amylopectin film
increased from 0.35 to 15.0 MPa, and young’s modulus increased from 1.6 to 780 MPa
by incorporation of 20 wt % CNFs into the film (Svagan, Azizi Samir, & Berglund,
2007). Improvement of tensile strength as a consequence of addition of TEMPO-oxidized
CNFs could be attributed to the high aspect ratio, good mechanical strength of TEMPOCNFs and the strong interaction between carboxylate groups of TEMPO-CNFs and the
ammonium groups of the chitosan molecule. This interaction between nanocomposite
film components could restrict the segmental mobility of the polymer chains in the
vicinity of the nanoreinforcement and the interface destroying (Siqueira, Bras, &
Dufresne, 2008). These results show the possibility of forming chitosan/TEMPO-CNFs
based films with high mechanical performance. Good mechanical cohesion was formed,
which was a prerequisite for the evolution of material properties.
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Figure 2.9

Mechanical properties of different chitosan/TEMPO-CNFs
bionanocomposite films.

Elongation at the break is the percentage change in the original film length
between the grips, the final length is measured when the film breaks. It was interesting
that the extension at break did not reduce to zero with the increase of the TEMPO-CNFs
contents from 5 to 25 wt %. It was hypothesized that TEMPO-CNFs could improve the
film strength without impacting flexibility. The lowering of elongation at break is a
common trend that is affected by the volume fraction of the added reinforcement, the
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dispersion in the matrix, and the interaction between the reinforcement and the matrix
(Colom, Carrasco, Pages, & Canavate, 2003; Fortunati et al., 2012). These results further
indicate that TEMPO-CNFs can be used for nanoreinforcement and to improve the
mechanical properties of the chitosan films.
2.6

Conclusions
TEMPO-oxidized cellulose nanofibers were introduced into a chitosan matrix

using an environmentally friendly casting method to prepare biodegradable
nanocomposite films.
Higher crystallinity of TEMPO-CNFs and the dense composite structure of the
produced films leads to a film that has reduced moisture and oxygen transmission
properties. The produced nanocomposite films possessed higher thermal stability,
mechanical properties, transparency and flexibility when compared to 100% chitosan
films. SEM and AFM images indicated that nano-sized TEMPO-CNFs were completely
embedded in the chitosan matrix. Results from this study indicated that incorporation of
TEMPO-CNFs into a chitosan matrix was a feasible, green, and effective method for
application in transparent biodegradable packaging that can be used for food products.
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CHAPTER III
ANTIMICROBIAL ACTIVITY OF CHITOSAN/TEMPO-OXIDIZED CELLULOSE
NANOFIBER BASED BIONANOCOMPOSITE FILMS
3.1

Abstract
Currently, biopolymer based antimicrobial films have been gaining more and

more attention from food industry with their potential application for a variety of foods.
The objective of this study was to characterize chitosan and determine the antimicrobial
activity of chitosan/TEMPO-oxidized cellulose nanofibers (2,2,6,6-tetramethylpiperidine1-oxyl radical) films with various concentrations. This was accomplished by
incorporating TEMPO-CNFs (cellulose nanofibers) into a chitosan matrix. An aqueous
suspension of chitosan (100, 85, and 75 wt%), sorbitol (25 wt%) and TEMPO-CNFs (0,
15, and 25 wt%) were cast in an oven at 40 °C for 2–4 days. Physical, thermal and
antimicrobial properties of chitosan and chitosan/TEMPO-CNFs films were investigated.
Antimicrobial properties of these films were evaluated by disc diffusion method on
growth of food borne pathogens namely, Salmonella enterica, E. coli O157:H7, and
Listeria monocytogenes. The results showed a significant reduction in the growth of
tested bacteria which increased by increasing the concertation of chitosan percentage in
the film. The development of biocomposite antimicrobial packaging films from
renewable resources can improve product quality of several foods including seafood and
reduce waste disposal problems.
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3.2

Introduction
Nowadays, packaging material is one of the major challenges that modern food

industries are facing. High-quality food without chemical preservatives is the prime
demand for growing consumers. This requires all participants of the industry, especially
food engineering scientists and packaging professionals to find an alternatives to
overcome with this serious problem. Even though the use of packaging materials form
conventional sources, such as plastics and their derivatives is effective for food
preservation, they continue to expose the food industries as a source of pollution and
social concern and create severe environmental problems. Food packaging material with
antimicrobial properties can be considered an emerging technology that could have a
significant impact on shelf life extension and food safety. This antimicrobial and
antioxidant compounds present in packaging material can serve as a carrier to keep high
concentration of preservatives on the food surfaces. Therefore, an area of increasing
interest in the preparation of antimicrobial packaging films with the use of natural
resources are being explored (H. No, Meyers, Prinyawiwatkul, & Xu, 2007; Reesha,
Panda, Bindu, & Varghese, 2015; Soni, Hassan, Schilling, & Mahmoud, 2016).
In the period of past 50 years, a variety of packaging materials based on synthetic
petroleum polymers have been widely used, but their poor biodegradability have become
a major source of waste disposal problems. Polymer materials based on biological
sources are biodegradable, environmentally friendly, abundant in nature, and renewable,
they have capability to replace petrochemical based synthetic packaging materials such
as, polyesters and polyolefins with a variety of renewable biobased polymers. Biobased
packaging films improve food quality and enhance the shelf life of food products as they
65

are intended to function as barriers against oxygen, aroma, moisture, flavor, and oil
(Rhim, Hong, Park, & Ng, 2006; Wong, Camirand, & Pavlath, 1994). They may also
provide physical protection to foods by reducing breakage and bruising, thus improve
food integrity (Rhim et al., 2006). In addition to that, biopolymer based films are
excellent medium for incorporating a broad collection of additives, such as
antimicrobials, antioxidants, antifungal agents, colors, and other nutrients (Han, 2003;
Park & Zhao, 2004). Particularly, biopolymer based antimicrobial packaging films have
been obtaining much attention from food industries for their potential applications in a
variety of foods including poultry, meat, cereals, cheese, fruits, and vegetables (Cha &
Chinnan, 2004; Han, 2003; Shiekh, Malik, Al-Thabaiti, & Shiekh, 2013). Seafood is also
considered an excellent source of functional foods for favorable balanced nutrition to
promote good health. Marine foods have beneficial health effects due to presence of
important lipids, mainly the long-chain omega-3-fatty acids and polyunsaturated fatty
acids (PUFAs), such as docosahexaenoic acid and eicosapentaenoic acid (Newton, 2001).
However, all these precious compounds in seafood are highly sensitive to the
development of off-flavors, and oxidative reactions even during cold storage (4 °C).
Chitosan is a linear polysaccharide consisting of (1,4)-linked 2-amino-deoxy-β-dglucan, which is the second most abundant polysaccharide found in nature after cellulose.
It is a natural polycationic, deacetylated derivative of chitin, which is found in the
insect’s cuticle, cell wall of fungi, and crustacean’s shell (Pradip Kumar Dutta, Dutta, &
Tripathi, 2004). Chitosan possess unique physicochemical properties like excellent film
forming ability, biocompatibility, biodegradability, non-toxicity and also have strong
antimicrobial and antifungal activities those were reported by several researchers (P. K.
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Dutta, Tripathi, Mehrotra, & Dutta, 2009). Chitin and chitosan both are natural
antimicrobial compounds against an extensive variety of microorganisms including
bacteria, yeasts and molds (Vu, Hollingsworth, Leroux, Salmieri, & Lacroix, 2011). The
pKa value of amino group (−NH2) in chitosan is ~6.5, thus chitosan is positively charged
and its solubility in acidic solution (with a charge density) dependent on the percentage of
degree of deacetylation and pH value. The degrees of deacetylation of chitosan
biopolymer ranging from 70−95%, molecular weights in the range of 50–2000 kDa with
different pKa values and viscosities values (Tharanathan & Kittur, 2003). Furthermore,
chitosan has three functional groups on its backbone: the primary and secondary hydroxyl
groups (−OH) on the C3 and C6 positions, and the amino group on the C2 position,
respectively. All these functional moieties of chitosan play an important roles in the
various performances. The amino group (−NH2) is the most important moiety among
these, especially in acidic conditions, due to the protonation step, it is able to interact with
negatively charged molecules. Bacterial foodborne pathogens such as Listeria
monocytogenes, Penicillium notatum, Salmonella. enterica, Rhodotorula rubra, E.coli,
and many others are of special concern because of their recent involvement in human
infections and diseases. Therefore, it is required to employ antimicrobial packaging
materials to prohibit the development and spread of pathogenic microorganisms via food.
In order to concentrate on previously mentioned problems, the acceptance of chitosan as
a protective material appears to be a potential alternative.
Chitosan has intrigued scientific, medical, agricultural and industrial interest in
such fields as food science, biotechnology, biomedicine, pharmaceutics, wastewater
treatment, packaging, and cosmetics among others (Belgacem & Gandini, 2011).
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Development of active biodegradable packaging films is the supreme application of
chitosan polymer in order to improve the nutritional stability, quality and extend the
storage life of food and limits its contamination (X.-G. Chen, Zheng, Wang, Lee, & Park,
2002). In spite of these unique properties and numerous advantages of chitosan, its films
exhibit poor water vapor barrier, gas barrier, and mechanical functionalities, which limits
its unexclusive applications in food packaging fields. Therefore, multiple approaches
have been applied to improve the barrier and mechanical performance of chitosan based
films. In the past few years, substantial amount of research that deals with the blending of
chitosan with various natural biopolymers, such as collagen (Sionkowska, Wisniewski,
Skopinska, Kennedy, & Wess, 2004), starch (Bourtoom & Chinnan, 2008), cellulose
(Shih, Shieh, & Twu, 2009; Velásquez-Cock et al., 2014), and several other cellulosic
derivatives (Abou-Zeid et al., 2011; Dayarian, Zamani, Moheb, & Masoomi, 2014; H. Z.
Li, Chen, & Wang, 2015) have been reported. Polymer blending is the most efficient
strategy to formulate biopolymer based films with desired properties.
The formation of biopolymer based composite films from the utilization of green
polymers is becoming an increasing acknowledged alternatives for future material
production for a more sustainable society. In particular, chitosan/cellulose unification is
of primary interest because of the structural similarity that can be resulted in compatible
materials and merge the physicochemical properties of chitosan with impressive
mechanical characteristics of cellulosic fibers (Wu et al., 2004; Yin, Luo, Chen, &
Khutoryanskiy, 2006). Cellulose is the most common polysaccharide on earth and a
classic example of renewable resource, which can be used to generate potential
reinforcing biomaterials called cellulose nanofibers. In the last several decades, the
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advancement of cellulose nanofibers (CNFs) has gained considerable attention due to
their low cost, low density, renewable, and nonabrasive nature. All these important
characteristics of CNFs allow them to create biocomposites with easy process ability and
made them an attractive candidate for nanomaterial research fields. Recently, completely
individualized cellulose nanofibers (CNFs) have been extracted from cotton stalks (Soni,
Hassan, & Mahmoud, 2015) by TEMPO-mediated oxidation (2,2,6,6tetramethylpiperidine-1-oxyl radical) under moderate aqueous condition (Saito, Kimura,
Nishiyama, & Isogai, 2007). This oxidation phenomenon coupled with ultrasonication
process selectively converts primary alcohols (−OH) to aldehyde (−CHO) and finally
carboxylate groups (−COO−) (Soni et al., 2015; Soni et al., 2016). The width and length
of TEMPO-CNFs was in range from 3−15 nm and 10–100 nm. This was the first time,
developed nano-sized cellulose fibers were uniform, which were not only very small in
diameter but also small in length with more than 90% yield from cotton stalks (Soni et
al., 2015). However, to the best of our information, there is no study on the subject of
blending chitosan and TEMPO-oxidized cellulose nanofibers for developing the
antimicrobial films for packaging applications. Electrostatic attraction and hydrogen
bonding between the positively charged ammonium groups (−NH3+) of chitosan and the
negatively charged carboxylate groups (−COO−) are the driving force for the best linking
of both the biopolymers (Soni et al., 2016). As well as, these strong bonds establish the
high compatibility between both TEMPO-CNFs and the chitosan biopolymeric chains. In
our previous research chitosan/TEMPO-CNFs blended transparent films showed
significant reduction in oxygen and moisture barrier properties (Soni et al., 2016).
Integrated TEMPO-CNFs form a compact network with chitosan molecules via strong
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intermolecular attraction, which prevents gas permeation through the films. Oxygen
resistivity and water vapor are two fundamental requirements for developing new food
packaging materials because oxygen promotes degradation mechanisms in food such as
oxidation, corrosive phenomena, and great modification of organoleptic properties
(Russo, Simon, & Incarnato, 2006). Plus, water molecules have an impact on the
microbial growth and thus influence the shelf life of the packed products at different
activity and temperatures.
Antimicrobial food packaging materials have to expand the lag phase of bacterial
growth and reduce the buildup rate of microorganisms. According to previous study,
mechanisms of the antimicrobial activity on chitosan is different for Gram-negative
bacteria and Gram-positive (Zheng & Zhu, 2003). The cell wall of Gram-positive bacteria
made up of the peptidoglycan (major constituent) and a little amount of protein. On the
other hand, in Gram-negative bacteria, the cell wall is thinner but more complex and
consist of various polysaccharides, proteins and lipids beside peptidoglycan. Also, the
cell wall of Gram-negative bacteria consisted with an outer membrane which contains the
external surface of the wall (Black, 1996). The authors suggested that In case of Grampositive coccai bacterium, Staphylococcus. aureus, chitosan can form a polymer
membrane on the surface of the cell, which inhibits nutrients from penetrating the cell
and for, E. coli (Gram-negative) bacterium, lower molecular weight chitosan can entered
in the cell through permeation (P. K. Dutta et al., 2009). In addition, polycationic nature
of chitosan has the eccentricity to connect with bacterial cell wall via electrostatic
interaction and may cause damage by disturbing solute or nutrients transport to the cell
(Liu, Du, Wang, & Sun, 2004). However, despite of this well-reported explanation of
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chitosan antimicrobial effect, there is no direct evidence to demonstrate this behavior
against different types of bacteria (P. K. Dutta et al., 2009; Tripathi, Mehrotra, & Dutta,
2008).
The aim of this research is to extract chitosan from shrimp shells and characterize
it by different chemical and physical methods in order to compare antimicrobial activity
of different packaging films based on chitosan/TEMPO-CNFs. The antimicrobial activity
of these films demonstrated against a Gram-positive bacterium (Listeria. monocytogenes)
and a Gram-negative bacterium (Escherichia coli and Salmonella. enterica), measured by
the disc diffusion assay.
3.3
3.3.1

Experimental
Materials
Cellulose was isolated from cotton stalks by alkaline-acid pretreatment and used

for the preparation of nanocellulose by the TEMPO-mediated oxidation method (Soni et
al., 2015). Chitosan (DD ∼ 72%) was synthesized from Mississippi gulf brown shrimp
(penaeus aztucus) exoskeletons. All chemicals used in this study were purchased from
commercial resources and used as received without any further purification. The
following chemicals were purchased from Fisher Scientific, USA. Sorbitol, glacial acetic
acid, ethanol (95%), hydrochloric acid, sodium hydroxide, potassium hydroxide, acetic
acid, and TEMPO [(2,2,6,6-tetramethylpiperidin-1-yl) oxy radical]. Teflon petri dish (140
mm ×140 mm) liner was purchased from Fluoro Lab, USA. Bacterial strains (ATCC),
yeast extract and peptone water from Difco, Becton Dickinson, Sparks, MD, USA.
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3.3.2

Extraction of chitin and chitosan
Shrimps exoskeletons were obtained from Mississippi Gulf Coast, Biloxi, MS,

which were dried in the oven at 40 °C for 48 h, grinded and screened through universal
vibrator screen into 30 mesh−4 mm particle size and finally the moisture content was
determined. The grinded shrimp exoskeletons were placed in Ziploc bags and
refrigerated. Chitin was separated to several treatment steps for preparation of chitosan as
explained in Figure 3.1. In the first step, the grounded shells were soaked in 4% HCl
solution (1:14 w/v) at 23 °C for 40 h to remove minerals (mainly CaCO3), then the
remaining chitin was filtered, washed with distilled water till neutrality. In the second
step, the demineralized chitin was treated with 5% NaOH solution (1:12 w/v) at 90 °C for
24 h to eliminate proteins and sugars from crude chitin. After cooling, chitin was
collected and washed with distilled water. In the third step, chitin was deacetylated by
70% NaOH solution (1:14 w/v) at 23 °C for 75 h to produce chitosan, which was washed
several times with distilled water to obtain neutral pH, followed by filtration to yield
creamy white product. Finally, the moisture content was determined and the dried
chitosan was kept in Ziploc bags and refrigerated.
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Figure 3.1

3.4
3.4.1

Extraction of chitosan and preparation of antimicrobial packaging film.

Characterization of chitosan
Moisture content determination
Moisture content of prepared chitosan was performed according to NREL/TP-

510-42621 method. The water mass was determined by drying the sample to constant
weight and measuring the sample after and before drying. The water weight was the
difference between the weights of the wet and oven dry samples.
𝑀𝑜𝑖𝑠𝑡𝑢𝑟𝑒 𝑐𝑜𝑛𝑡𝑒𝑛𝑡 (%) =

(𝑤𝑒𝑡 𝑤𝑒𝑖𝑔ℎ𝑡 (𝑔)−𝑑𝑟𝑦 𝑤𝑒𝑖𝑔ℎ𝑡 (𝑔)
𝑤𝑒𝑡 𝑤𝑒𝑖𝑔ℎ𝑡 (𝑔)
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× 100

Eq. (3.1)

3.4.2

Ash content
To determine the ash content value of chitosan, 2.0 g of chitosan sample was

placed into previously ignited, cooled, and tarred crucible. The samples were heated in
muffle furnace preheated to 700 °C for 4 h. the crucible was allowed to cool in the
furnace to less than 200 °C and then placed into desiccator. Ash content was determined
according to NREL/TP-510-42622 procedure. Percentage of ash value is calculated using
the following equation:
% 𝐴𝑠ℎ =
3.4.3

𝑊𝑒𝑖𝑔ℎ𝑡 𝑜𝑓 𝑟𝑒𝑠𝑖𝑑𝑢𝑒 (𝑔)
𝑊𝑒𝑖𝑔ℎ𝑡 𝑜𝑓 𝑠𝑎𝑚𝑝𝑙𝑒 (𝑔)

× 100

Eq. (3.2)

Degree of deacetylation (%) by potentiometric titration
Chitosan (0.25g) was dissolved in 30 mL of 0.1 M HCl and diluted with 10 mL of

deionized water. Under continuous stirring, 0.1 M NaOH was added dropwise until the
pH reached a value of 3. A value of f(x) of the corresponding volume of NaOH added
was calculated using the following formula:
𝑓(𝑥) = (

𝑉0 + 𝑉
𝑁𝐵

) × ([𝐻 + ] − [𝑂𝐻 − ])

Eq. (3.3)

Where V0 is the volume of chitosan solution (mL), V is the volume of NaOH
added (mL), NB is the concentration of NaOH (M), [H+] is the concentration of H+ (M),
[OH-] is the concentration of OH- (M). A linear titration curve was obtained by plotting
f(x) vs. corresponding volume of NaOH. By extrapolating the linear titration curve to the
x-axis, the volume of NaOH at the end point can be estimated. Five replicates were
performed for synthesized chitosan sample. The degree of deacetylation (DD) was
calculated using the following formula (Tan, Khor, Tan, & Wong, 1998):
𝐷𝐷 (%) =

ɸ
(𝑊−161×ɸ)
+ɸ
204
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× 100

Eq. (3.4)

ɸ=

(𝑁𝐴 ×𝑉𝐴 −𝑁𝐵 ×𝑉𝐵 )
1000

Eq. (3.5)

where NA is the concentration of HCl (M), VA is the volume of HCl (mL), NB is
the concentration of NaOH (M), VB is the volume of NaOH at the end point (mL), and W
is the sample mass (g).
3.4.4

Degree of deacetylation (%) by elemental analysis
The degree of deacetylation value of chitosan samples was calculated from the

following formula (Jiang, Chen, & Zhong, 2003; Kasaai, Arul, & Charlet, 2000):
𝐷𝐷 (%) =

6.857−𝐶 ⁄𝑁
1.7143

Eq. (3.6)

Where C/N is the carbon/nitrogen ration measured from the elemental composition of the
chitosan samples.
3.4.5

Elemental Analysis
Carbon, hydrogen, nitrogen content and oxygen (by subtraction) were measured

with a CE-440 Elemental Analyzer (Exeter Analytical, North Chelmsford, MA). About
1–2.5 mg samples (chitin and chitosan) were weighed into a tin capsule by using an ultramicrobalance (Sartorius, Data Weighing Systems, Inc., Elk Grove, IL). The tin capsule
was sealed immediately with an Exeter Analytical Capsule Sealer and placed inside a
nickel sleeve for sample injection. Static combustion was conducted at 900 °C in pure
oxygen, and the sample was reduced at 700 °C. Helium was used to carry the combustion
products through the analytical system and also for purging the instrument. A calibration
verification standard was injected after every ten samples runs to ensure quality control.
Oxygen content was calculated by subtraction. All the determinations were done in
triplicate.
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3.5

Casting of Chitosan/TEMPO-CNFs films
Films were prepared by mixing chitosan, TEMPO-CNFs, and sorbitol in 2%

glacial acetic acid solution at 70 °C for 1 h. The total amount of dry substance (chitosan,
sorbitol, and TEMPO-CNFs) in each film was kept constantly at 1.25 g. The TEMPOCNFs contents in the nanocomposite films were 0, 15, and 25 wt % of the total dry
mixture, respectively (Table 3.1). The sorbitol content was kept 25.0 wt % (based on the
dry weight of chitosan and TEMPO-CNFs). Vacuum was applied to degas the film
solutions to prevent microbubble formation in the films. Solutions were poured onto 140
mm×140 mm petri dish liners and dried in oven at 40 °C for 2−4 days. It was then peeled
carefully from the petri dish. Before characterization, all film samples were
preconditioned for at least 48 h in a constant temperature and humidity chamber at 25 °C
and 50% relative humidity to ensure the stabilization of their water content. Film
thickness, water vapor permeability, oxygen permeability, and tensile strength test were
determined in our previous work (Soni et al., 2016).
Table 3.1

Development of Antimicrobial packaging films of various compositions
based on chitosan/TEMPO-CNFs

Samples

Chitosan

TEMPO

Thickness

Moisture content

(wt/wt)

(wt%)

CNFs (wt%)

(µm)

(wt%)

100/0

100

0

114.3

6.7

85/15

85

15

129.54

7.8

75/25

75

25

149.86

10.2

Sorbitol =25 wt%, 2% acetic acid solution = 1.25/150 g/mL, and casting solution = 100
mL

76

3.6
3.6.1

Characterization of chitosan/TEMPO-CNFs films
Fourier transform infrared analysis (FTIR)
Synthesized chitosan, TEMPO-CNFs, and their films were analyzed directly

using FTIR spectrometry to study different functional groups and evaluate structural
variations. All experiments were conducted using Thermo Scientific Nicolet iS50 FT-IR
spectrometer in the range from 400 to 4000 cm−1.
3.7

Thermal gravimetric analysis (TGA)
Thermogravimetric analyses of synthesized chitosan, TMEPO-CNFs, and their

different films were carried out in duplicates, using Thermo Scientific SDT Q600 series
Thermogravimetric Analyzer (TA instrument). Samples weighed between 9–11 mg in
alumina cups and heated from room temperature to 700 °C at a heating rate of 10 °C/min.
All experiments were performed under nitrogen atmosphere at flow rate 35 mL/min in
order to prevent degradation by thermal oxidation.
3.7.1

Bacterial strains and growing conditions
Three different bacteria were used in this study including: (a) a cocktail mixture

of Salmonella. enterica (S. Enteritidis, S. Typhimurium and S. Newport), (b) a cocktail
mixture of Escherichia. coli O157:H7 (C7927, EDL933 and 204P), and (c) a cocktail
mixture of Listeria. monocytogenes (Scott A, F5069 and LCDC 81-861). These strains
were selected based on their prevalence in food, and their ability to survive in food over
time. All bacterial strains were obtained from ATCC and from our personal culture
collection. Bacterial strains were grown in tryptic soy broth with 0.6% yeast extract and
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incubated at 37 °C for 24 h prior to use. Three strains of each bacterium were mixed, with
an equal volume, to give approximately 105 CFUml−1 in 0.1% peptone water.
3.7.2

Evaluation of antimicrobial activity in vitro
The antimicrobial activity of the chitosan film against Salmonella enterica, E. coli

O157:H7, and Listeria monocytogenes was evaluated based on the disc diffusion assay.
100 µl of each strain mixture was streaked onto the appropriate selective medium: xylose
lysine desoxycholate (XLD) (Difco, Becton Dickinson) for Salmonella. enterica,
cefixime-tellurite sorbital MacConkey (CT-SMAC) (Difco, Becton Dickinson) agar for
E. coli O157:H7, and modified oxford agar (MOA; using DIFCO Modified Oxford
Antimicrobic Supplement) for Listeria. monocytogenes. Chitosan/TEMPO-CNFs film
samples (100/0, 85/15, 75/25) and control sample (filter paper; 0/0 chitosan/TEMPOCNFs) were prepared in discs of 8 mm in diameter and sterilized using 1 kGy X-ray
irradiation. The film samples were placed on the surface of inoculated agar plates by
using a sterile tweezers and gently pressed to ensure full contact to agar surface. The
plates were then incubated at 37 °C for 24 h, then the zone where the film was placed and
its surroundings were carefully observed. All experiments were repeated three times
using two samples per experiment for a total of six data points per treatment. The
inhibitory activity was measured based on the diameter of the clear inhibition zone. If
there was no clear zone surrounding, it was assumed that there was no inhibitory zone.
Contact area was used to evaluate growth inhibition underneath film discs in direct
contact with target microorganisms in agar.
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3.8
3.8.1

Results and Discussion
Extraction and characterization of chitosan
The whole parameters for the preparation of chitosan are tabulated in the table 2.

The yield of chitosan is found to be 32% after purifying the total shrimp exoskeleton
taken. The ash content of chitosan is 0.123%, it showed that extracted chitosan is of good
quality and comparable to commercial chitosan (Hong K No & Meyers, 1995). Chitosan
is a weak base and does not get solubilize in water, but it is soluble in dilute aqueous
acidic solutions (2% acetic acid) and turn into polycationic species. When the molecule’s
pH below pKa (~6.3), it can convert glucosamine units (−NH2) into the soluble
protonated form (−NH3+) (Lim & Hudson, 2004). Also, Low pH value (4.8) increases the
antimicrobial activity of chitosan because of its protonation in acidic pH interim and
greater solubility. There are some other factors that can affects the antimicrobial
properties of chitosan, such as molecular weight, protonation level of the amine group,
positive charge density, chitosan concentration, and environmental aspects including the
contact time between bacterial cells and chitosan, and ionic strength of the testing
medium (Kong, Chen, Xing, & Park, 2010).
The physicochemical characteristics of chitosan are the molecular weight (Mw)
and its degree of deacetylation (DD). These parameters play an important role for the
quality of chitosan for its several suitable applications in many research fields (M. N. R.
Kumar, 2000; Srinivasa, Ramesh, Kumar, & Tharanathan, 2004). Calculated degree of
deacetylation of the prepared chitosan is 72%. It influences the physical, chemical, and
biological characteristics of chitosan, such as adsorption, encapsulation, covalent linking,
film formation, thickening, antimicrobial activity and metal binding (H Kyoon No &
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Meyers, 1997). The degree of deacetylation value (DD of ≥40) also indicates whether the
biopolymer is chitosan or chitin (Peter, 1995). This parameter involves the elimination of
acetyl groups (−COCH3) from the polymeric chain of chitin and leaving behind a
complete amino group (−NH2) in molecular chain. Thus chitosan versatility depends
mainly on its high degree chemical reactive amino groups. In the estimation of the degree
of deacetylation, methods which determines the amine (−NH2, −NHR) or acetyl amine
groups (−NHCOCH3) on the glycoside unit of chitosan directly would be preferred. Here,
linear potentiometric titration (LPT) is easier to perform and its results are often more
consistent. These results are very dependent on the [H+] and [OH−] concentrations as the
pH measured directly induce the DD determined. In addition, the number of protonated
amino groups (−NH3+) present in chitosan increases with increased degrees of
deacetylation which affects the antimicrobial property (Liu et al., 2004).
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Table 3.2

Characterization of chitosan obtained from the Mississippi gulf brown
shrimp (penaeus aztucus) exoskeletons
Chitosan Characterization

Value

Chitosan yield (%)

32

Solubility

2% Acetic acid

pH

4.8

Moisture content (%)

10.2

Ash content (%)

0.123

Degree of deacetylation

72

Elemental analysis (%)
Carbon

42.11

Hydrogen

6.54

Nitrogen

6.48

Oxygen

44.88

Viscosity mPa.s

325

Average molecular weight (Da)

8500

Elemental analysis for chitin (C= 44.73%, H= 6.98%, N=6.32%, and O=41.97%)
The chitosan obtained from the aforementioned steps is reported to have average
molecular weight of ~8500 Da. According to previous study, it has been shown that low
molecular weight chitosan with an average molecular weight less than 10 kDa have
higher antimicrobial activity than native chitosan with high molecular weight (Uchida,
Izume, & Ohtakara, 1989). This behavior can be described by a fact that low molecular
weight chitosan is easily soluble in aqueous media than high molecular weight chitosan.
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Also, chitosan’s solubility is of great importance to react with the active sites of the
targeted microorganisms (Aider, 2010).
3.8.2

Fourier transform infrared analysis (FTIR)
Figure 3.2, shows the FTIR spectrum of prepared chitosan (penaeus aztucus)

species, TEMPO-CNFs and biocomposite films of different compositions. Glucosamine,
a major group (−NH2 which represents the free amino) present in chitosan, shows main
absorption band between 1220 and 1020 cm−1 at C2 position. In the spectrum of TEMPOCNFs have a prominent peak at 1610 cm−1, which corresponds to carbonyl groups
(Morán, Alvarez, Cyras, & Vázquez, 2008; Soni et al., 2015; Soni et al., 2016). In all
biocomposite films of different compositions (100/0, 85/15, and 75/25) the band at 3348
cm−1 is associated with O−H and N−H hydrogen bonds. The dominant spectral band at
3340 and 1040 cm−1 correspond to stretching vibrations of O−H and C−O ether groups.
The band at 1592 cm−1 is associated with N−H stretching and bending (El Miri et al.,
2015). The spectral bands observed in all biocomposite films in the region of 1639–1648
cm−1 are attributed to O−H bending of adsorbed water. The spectra were developed after
drying, but some of the water adsorbed by the polymers are difficult to extract due to the
polymer-water interaction (Morán et al., 2008). The peaks in the region of 2898–2900
cm−1 indicate antisymmetric and symmetric vibrations of CH2 groups (Soni et al., 2015).
Other peaks include CH2 scissoring at 1410–1420 cm−1, C−H bending at 368–1373 cm−1,
CH2 wagging at ∼1317 cm−1, ∼ C−O−C pyranose ring stretching vibration at 1048 cm−1
in both chitosan and cellulose molecules, and β-glycosidic linkages at 891–896 cm−1 (W.
Chen et al., 2011; Garside & Wyeth, 2003; A. Kumar, Negi, Choudhary, & Bhardwaj,
2014). The major bands of chitosan at 1633 cm−1 and 1520 cm−1 corresponds to the
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carbonyl (C=O) stretching of acetyl groups and N−H bending vibrations (amide and
amine groups).
The broad band at 3200−3450 cm−1 in the biocomposite films moved slightly to
higher wavenumbers, which suggests a strong interaction between positively charged
ammonium groups of chitosan (−NH3+) and the negatively charged carboxylate groups
(−COO−) on the TEMPO-CNFs (de Mesquita, Donnici, & Pereira, 2010; Q. Li, Zhou, &
Zhang, 2009). When TEMPO-CNFs were include in chitosan films, the band
corresponding to N−H bending almost disappeared, which suggests the formation of
hydrogen bonds between chitosan and CNFs. These results indicate that intermolecular
hydrogen bonding occurs between TEMPO-CNFs and chitosan molecules in the blended
films, leading to a good miscibility of the blends.
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Figure 3.2

3.8.3

FTIR spectra of prepared chitosan, TEMPO-CNFs, and different
biocomposite films.

Thermal gravimetric analysis (TGA)
The thermal stability of prepared chitosan, TEMPO-CNFs, and all biocomposite

films of different composition is presented in Figure 3.3. All samples displayed a slight
weight loss at low temperature from 100–125 °C in range due to evaporation of absorbed
and intermolecular H-bonded water and acetic acid (A. Kumar et al., 2014; Soni et al.,
2015; Soni et al., 2016). However, the pyrolysis processes and degradation behaviors of
these samples are completely different in the high temperature range. The TGA curve
represented by weight (%) and solid lines, where thermal degradation of chitosan
initiated at 292 °C in nitrogen atmosphere. In DTG curve represented by deriv. weight
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(%/°C) and dashed lines, pyrolysis process took place in two stages. The first one starts at
60 °C and second stage starts at 240 °C and reaches to maximum at 380 °C (Neto et al.,
2005; Tirkistani, 1998). The first one is attributed to the loss of water. The second stage,
corresponds to the decomposition (oxidative and thermal) of chitosan, vaporization and
elimination of volatile products. The thermal degradation of TEMPO-CNFs begins at
215 °C temperature and the entire pyrolysis process of TEMPO-CNFs are in temperature
range of 180–260 °C and 260–350 °C, thus shows two broad peaks. The reason may be
the formation of carboxylate groups (−COO−) in TEMPO-CNFs by TEMPO-mediated
oxidation at C6 primary −OH groups of cellulose that lead to a significant decrease in the
thermal degradation point. This result reveals that created carboxylate groups through
TEMPO-mediated oxidation contributes to a significant reduction in degradation
temperature due to their nano-size fibers and large numbers of free ends (Soni et al.,
2015; Soni et al., 2016).
In biocomposite films, the amount of absorbed water in pure chitosan (100/0) film
is higher than that of blended chitosan/TEMPO-CNFs film (specially, 75/25), suggesting
that the TEMPO-CNFs were properly dispersed within the chitosan matrix, for this
reason preventing the absorption of moisture by the films. In TGA thermograph, thermal
degradation of the 100/0 chitosan film and other TEMPO-CNFs reinforced films (85/15
and 75/25) initiated at 240 to 250 °C under N2 atmosphere. In spite of, all films in DTG
curve showed prominent pyrolysis with single step degradation and the major associated
weight loss is observed from 220−380 °C temperature range. As shown in this research,
there are not much difference in the degradation temperature for all biocomposite films.
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Figure 3.3

TGA and DTG curves of prepared chitosan, TEMPO-CNFs, and different
biocomposite films.

Therefore, these films demonstrate reasonable thermal stability, which is mainly
due to the presence of the great compactness and crystalline structure between both
TEMPO-CNFs and chitosan polymer (Soni et al., 2016). This result reveals that the
introduced −COOH moieties can affects the thermal stability of the chitosan based
composites due to their nano-size fibers and large number of free ends.
3.8.4

Antimicrobial activity
Antimicrobial activity is very important for food packaging, in this research it is

evaluated by disc diffusion method. Figure 3.4, presented photographs of antimicrobial
property of control sample and different biocomposite films with three cocktail mixtures
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of bacterial strains. All chitosan/TEMPO-CNFs films (100/0, 85/15, and 75/25) showed a
clear antimicrobial property on both Gram-positive and Gram-negative bacteria. Control
samples (without chitosan/TEMPO-CNFs blended film) displays no antimicrobial effect,
whereas the films with different chitosan/TEMPO-CNFs compositions shows complete
inhibition for all three kinds of bacteria (Salmonella enterica, E. coli O157:H7, and
Listeria monocytogenes). Film with 100/0 composition presents great prevention and
higher antimicrobial activity against all bacterial strains, while 85/15 and 75/25 film
compositions showed less inhibition. This may be due to the concentration of amino
groups in chitosan film (100/0) combination that concerns the antimicrobial property.
Therefore, significant reduction of the growth of tested bacteria increases by increasing
the concertation of chitosan percentage in the film (antimicrobial activity: 100/0 > 85/15
> 75/25).
For 85/15 and 75/25 blends, TEMPO-CNFs dispersed homogeneously in chitosan
matrix. Thus, the local concentration of amino groups in these samples are smaller than
that of neat chitosan film (100/0). One of the reasons for antimicrobial activity of
chitosan cab be its positive charge of the amine group (−NH3+) at pH values lower than
the pKa (pH<6.3) that carries 50% of its total electric charge. It allows the interactions
with negatively charged microbial cell membranes, which is likely to cause a leakage of
nucleic acids, proteins, low-molecular weight materials, and other intracellular
constituents (Helander, Nurmiaho-Lassila, Ahvenainen, Rhoades, & Roller, 2001).
Another reason for antimicrobial character can be the flocculation and adsorption of
electronegative substances in the microbial cell through chitosan, then disturbing the
physiological activities of the microorganisms and causing their death (Kong et al., 2010;
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Raafat & Sahl, 2009). In addition, it is very important to mention that chitosan dissolves
only in acidic media and the effect of pH on microorganisms must be considered together
with the effect of chitosan. Therefore, the combined effect of the chitosan and pH
together is possibly the most evident explanation of the antimicrobial effect of chitosan
(Alishahi & Aïder, 2012).

Figure 3.4

Antimicrobial property of different biocomposite films on inoculated media
with: (a) a cocktail mixture of Salmonella. enterica; (b) a cocktail mixture
of E. coli O157:H7; (c) a cocktail mixture of Listeria monocytogenes.
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More recently, it showed that chitosan is more powerful antibacterial agent
against Gram-negative bacteria (E. coli and Salmonella. enterica) than against Grampositive microorganisms (Listeria. monocytogenes) (Kong et al., 2010). While the results
received from the antimicrobial testing on chitosan/TEMPO-CNFs films does not show
any difference between both types of bacterial strains. The films made of different
compositions of TEMPO-CNFs in chitosan matrix are transparent, homogeneous,
flexible, and creates strong interaction and adhesion on the interfaces of both polymeric
chains (Soni et al., 2016). TEMPO-CNFs allow chitosan biopolymer to develop a
continuous films of various shapes easily without any deformation (Nordqvist et al.,
2007). This excellent dispersion of nano-sized TEMPO-CNFs with diameter of 3–20 nm
and length 10–100 nm (Soni et al., 2015) are strongly blended in chitosan biopolymer and
formed composed framework that is directly correlated with its effectiveness for
enhancing the properties of biocomposite films. The higher concentration of TEMPOCNFs (15–25 wt%) increases the inter chain bonding between both the biopolymer which
leads to obstruct the water vapor transmission and reduce water vapor diffusivity through
the film. Also, films with 85/15 and 75/25 compositions have a greater barrier to oxygen
and demonstrated excellent oxygen barrier properties (Soni et al., 2016). These properties
improve the antimicrobial property of these biocomposite films and leading to a
limitation of aerobic spore germination.
3.9

Conclusions
Considering the health tendency of modern food technology, the use of

antimicrobial packaging films is very important. Three chitosan/TEMPO-CNFs films
were developed, and their film properties and antimicrobial activity were tested.
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Antimicrobial effects of all biocomposite films with various ratio and concentrations
against food pathogenic bacteria namely Salmonella enterica, E. coli O157:H7, and
Listeria monocytogenes were evaluated in vitro and confirmed by disc diffusion assay.
The antimicrobial testing method demonstrate that all biocomposite films possess
antimicrobial activity against food pathogenic bacteria, even though 85/15 and 75/25
films have less concentration of chitosan. All films showed same inhibition against
Gram-positive and Gram-negative bacteria. Chitosan was extracted from shrimp’s
exoskeleton with 32% yield and characterized by its degree of deacetylation, FTIR,
thermal stability, and other properties. The thermal behavior revealed that chitosan
decomposes by two step pattern with degradation temperature of 292 °C. FTIR spectrum
of TEMPO-oxidized CNFs showed prominent peak at 1610 cm−1 corresponds to carbonyl
groups. Results from this study indicated that incorporation of TEMPO-CNFs into a
chitosan biopolymer is a feasible and an environmentally friendly casting method, which
produce biocomposite films for the application in antimicrobial packaging that can be
used for many food products including seafood.
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CHAPTER IV
PREPARATION AND CHARACTERIZATION OF CHITIN/TEMPO-OXIDIZED
CELLULOSE NANOFIBERS BASED HYDROGELS

4.1

Abstract
Recently, a new generation of recyclable biobased adsorbents are increasingly

considered for their superior adsorption capacity, high mechanical properties, high
surface area, versatile surface chemistry and natural abundance. In this work, TEMPOoxidized cellulose nanofibers (2,2,6,6-tetramethylpiperidine-1-oxyl radical) and chitin
based hydrogels with various compositions have been prepared. This was accomplished
by dispersing TEMPO-oxidized cellulose nanofibers (TEMPO-CNFs) and chitin in 8
wt% NaOH/4 wt% urea aqueous solution via freezing/thawing method. Six different
hydrogels of chitin (100–50 wt%), TEMPO-CNFs (0–50 wt%), and epichlorohydrin (0.2
mL) were cast in an oven at 40 °C for 24 h. The surface morphology and elemental
composition of all hydrogels were revealed by scanning electron microscopy (FE-SEM)
and elemental analysis. Structural and thermal properties were evaluated by fourier
transmission infrared spectroscopy (FTIR) and thermogravimetric analysis (TGA-DTG).
Surface area and pore volume were calculated by BET (Brunauer–Emmett–Teller)
method. Results showed that incorporation of TEMPO-CNFs with chitin produced high
thermal stability and more porous hydrogels. These hydrogels can be effectively used in
many water treatment applications such as removal of various heavy metals from water
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bodies and chemical decontamination methods thus provide new avenues as cost
effective, environmentally friendly green remediation.
4.2

Introduction
Hydrogels are cross linked three dimensional polymeric materials that exhibit the

capability to retain and swell a substantial amount of water within its framework, but do
not solubilize in water. They contain various proportions of hydrophilic and hydrophobic
components (Mohammed, Grishkewich, Berry, & Tam, 2015). Semi flexible polymers
are approximately able to develop hydrogels with a variety of physical forms including
beads slabs, nanoparticles, membranes, microspheres, and once these all vacuum dried,
freeze-dried or supercritically dried, hydrogels called aerogels or cryogels, respectively
(Job et al., 2005). Hydrogels can be synthesized by either physical interactions such as
hydrogen bonds, van der waals forces, chain entanglements, crystallization (Van
Vlierberghe, Dubruel, & Schacht, 2011), and ionic interaction (Shu & Zhu, 2002) or by
chemical cross-links covalent bonding (Hennink & Van Nostrum, 2012). The hydrogels
prepared by physical method allowed to prevent the usages of cross-linking agents or
initiators, which are advantageous for biomedical and pharmaceutical applications (H.
Zhang, Zhang, & Wu, 2013). On the other hand, the methods for preparing hydrogels by
high energy sources such as electron beam, X-rays, and γ-irradiation required expensive
apparatus and the prepared hydrogels generally showed relatively poor mechanical
strength (Rimmer, 2011; Yang, Liu, Chen, Yu, & Zhu, 2008).
Hydrogels can be classified into two groups: synthetic polymer based hydrogels
and natural polymer based hydrogels. Hydrogels formed through synthetic polymers such
as poly(N-isopropyl acrylamide) (J. T. Zhang & Jandt, 2008), poly(ethylene glycol)
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(Dadsetan, Szatkowski, Yaszemski, & Lu, 2007; Poon, Cao, Zhu, Judeh, & Chan-Park,
2009), poly(vinyl alcohol) (Martens, Bryant, & Anseth, 2003), and polypeptides have
been investigated for tissue engineering applications. However, the lack of mechanical
strength and unsatisfactory biodegradability of these conventional synthetic polymer
based hydrogels are the primary drawback on their more extensive use (Kim et al., 2007).
Several natural polymers and their salts such as sodium alginate (Chan, Whitney, &
Neufeld, 2009), starch (Elvira, Mano, San Román, & Reis, 2002), protein (Guo, Zhang,
& Yang, 2012), gelatin (Kang, Tabata, & Ikada, 1999), hemicelluloses (Peng, Zhong,
Ren, & Sun, 2012), lignin (Li & Pan, 2010), collagen (Inoue et al., 2006) cellulose (J.
Zhou, Chang, Zhang, & Zhang, 2007), chitin (Tamura, Nagahama, & Tokura, 2006), and
their derivatives (Nie, Liu, Zhan, & Guo, 2004) have been used to formulate biopolymer
based hydrogels. Biopolymer based hydrogels have attained growing consideration for
their biodegradability, biocompatibility, and tissue-mimicking consistency. It has already
been proven that natural polymer based hydrogels are employed in variety of areas for
instance, hygiene products (Zohuriaan‐Mehr, Pourjavadi, Salimi, & Kurdtabar, 2009),
agriculture water retention products (Arbona et al., 2005), biomedical drug carriers (Qiu
& Park, 2012), wound dressings (Jayakumar, Prabaharan, Sudheesh Kumar, Nair, &
Tamura, 2011), tissue engineering scaffolds (Lee & Mooney, 2001), pollutant adsorbents
like heavy metal ions (Juang & Shiau, 2000), dyes (Paulino et al., 2006), pesticides
(Dwivedi, Gupta, Chaudhary, & Nandi, 2014), and biosensors (Adhikari & Majumdar,
2004), etc. In the search to substitute oil based materials, polymers from renewable
resources are fascinating to compete due to their availability, renewability and reduced
environmental footprint.
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Chitin and cellulose are two of the most abundant biopolymers on earth, which
retain great potential in hydrogel preparation. There are plentiful hydrophilic functional
groups (amino and hydroxyl) exist in the backbones of either chitin or cellulose, which
succeed them as a favorable materials for highly adsorbent hydrogel entities. More
recently hydrogels from chitin and cellulose have gained particular attention in
wastewater treatment because of their great adsorption capabilities namely regeneration
facilities and reuse for continuous processes (Kurecic & Smole, 2012). Adsorption is a
surface phenomenon or capability of all solid substances to attract to their surface
molecules of gases or solutions with which they are in contact. Also, Production of
nanocellulose with high aspect ratio from agricultural residues is the promising strategy
for environmental application (Soni, Hassan, Schilling, & Mahmoud, 2016). Due to the
presence of hydroxyl groups, cellulose is considered to be an excellent material for
surface modification. Therefore, cellulose fibers can be modified by chemical and
mechanical methods such as, acid hydrolysis, TEMPO-oxidation, alkaline acid
pretreatment and ultrasonic treatment (Soni, Hassan, & Mahmoud, 2015). In our previous
reasearch, completely individualized cellulose nanofibers have been isolated from cotton
stalks (Soni et al., 2015) by 2,2,6,6-tetramethylpiperidine-1-oxyl radical (TEMPO)mediated oxidation under moderate aqueous condition (Saito, Kimura, Nishiyama, &
Isogai, 2007). This TEMPO-mediated oxidation procedure combined with ultrasonication
selectively converts primary alcohols (−CH2OH) to aldehyde (−CHO) and carboxylate
groups (−COO−) (Soni et al., 2015; Soni et al., 2016). The width and length of developed
TEMPO-CNFs was ranging from 3−15 nm and 10–100 nm of range. This was the first
time to generate uniform nano-sized fibers with not only small in diameter but also very
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small in length, which are more than 90% yield from cotton stalks (Soni et al., 2015).
Though, to the best of our awareness, there are no studies about the blending of TEMPOoxidized cellulose nanofibers and chitin for developing biobased hydrogels in various
applications. Also, this type of combination with other bio-adsorbents can make an
efficient biomaterial, which could possibly illustrates high adsorption capacity and easy
recovery from treated discharges. Recent studies have used TEMPO-oxidized cellulose
(Lin, Heish, Tsai, & Huang, 2015) and chitin fibers (Sehaqui et al., 2014), sulfonated
cellulose, (Dong, Zhang, Pang, Liu, & Zhang, 2013) succinic anhydride nanocellulose
(Gurgel, Júnior, de Freitas Gil, & Gil, 2008) chitosan blended with cellulose nanofibers,
(Y. Zhou, Fu, Zhang, Zhan, & Levit, 2014) cellulose alginate hydrogel (Mohammed et
al., 2015) and cellulose-chitosan magnetic hydrogel beads as adsorbent for heavy metal
removal. Also, these adsorbents could be regenerated by suitable desorption process
followed by ultrasonic conditions (Hokkanen, Repo, & Sillanpää, 2013). However,
hydrogels prepared by combing TEMPO-oxidized CNFs and chitin is scarcely reported.
In nature chitin is the second most abundant organic material after cellulose and
yearly more than 100 billion tons of chitin created by crustaceans, insects, fungus,
mollusks, and certain algae. Yet, it is the least exploited biomass source till date due to its
limited dosslolution in many solvents. Recently, the application of chitin to develop
environmentally friendly materials has become an international interest. A perfect
formation of transparent hydrogel with high tendency to capture heavy metals has been
recently prepared from chitin (Chang, Chen, & Zhang, 2011). The ability of chitin
hydrogel to adsorb heavy metals can be attributed to the presence of amide (−CONH2)
group in chitin. In our opinion, formulation of both carboxyl groups (−COO−) in
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TEMPO-oxidized cellulose nanofibers (CNFs) and amide groups (−CONH2) of chitin
will definitely enhance the adsorption ability of the prepared hydrogels (Soni et al.,
2016).
As we know that chitin possess attractive properties as a biomaterial, though its
dissolution is a very challenging method in many common solvents which restricts its
growth and exploration. Only few selective solvents like ionic liquids and
LiCl/Dimethylacetamide mixtures have been developed to dissolve chitin biomaterial in
order to prepare desired products. In recent times, a new class of solvent, aqueous
alkali/urea solution for cellulose and chitin has been introduced (Cai & Zhang, 2005;
Chang et al., 2011). This aqueous alkali/urea solution has strong dissolving power at low
temperature to produce transparent cellulose and chitin hydrogel, which is potentially an
environmentally friendly process. But prepared hydrogels with pure biopolymers often
have some limitations such as low mechanical performance and gel strength. Primarily,
for improvement in nanocomposite hydrogels, several clay minerals were extensively
inserted to hydrogel matrix in order to improve mechanical stability of hydrogels.
Therefore, combination of two or more polymers has become a progressively fascinating
technique for the development of new biomaterials, which exhibit collective properties
that could not be accomplished by an individual polymers.
In this research, we attempted to design novel biocomposite hydrogels by
combining chitin and TEMPO-CNFs biopolymer with various compositions. Also, we
aimed to compare the surface area, surface morphology, thermal properties, and chemical
properties of the different prepared hydrogels.
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4.3
4.3.1

Experimental
Materials
Cellulose was isolated from agricultural post harvesting wastes, cotton stalks, by

alkaline-acid pretreatment and used for the preparation of nanocellulose by the TEMPOmediated oxidation method. Structural (FTIR), morphological (FE−SEM, AFM), and
thermal analysis (TGA-DTG) of TEMPO-CNFs were investigated in our previous work
(Soni et al., 2015). All chemicals used in this study were purchased from commercial
resources and used as received without further purification. Powdered chitin from shrimp
shells was purchased from Sigma-Aldrich. Ethanol (95%), sodium hydroxide, urea,
epichlorohydrin, acetone, petri dish and TEMPO [(2,2,6,6-tetramethylpiperidin-1-yl) oxy
radical] were purchased from Fisher Scientific, USA.
4.3.2

Preparation of Chitin/TEMPO-CNFs hydrogels
Hydrogels were prepared by mixing chitin and TEMPO-CNFs in 8 wt% NaOH/4

wt% urea/ 88 wt% water mixture with stirring for 20 min, and then was stored under
refrigeration (−20 °C) for 4 h. The frozen solid was thawed and stirred extensively at
room temperature. After the freezing/thawing cycles were repeated 4 times, thick viscous
solution was obtained. The total amount of dry substance in each hydrogels was
maintained at 2.0 g and the ratio of chitin and TEMPO-CNFs composition was 100/0,
90/10, 80/20, 70/30, 60/40, and 50/50, respectively, as shown in table 4.1. Subsequently
0.2 mL epichlorohydrin (ECH) was added to hydrogel solution and stirred at 23 °C for 30
min to obtain a homogeneous solution, which was then kept inside oven at 40 °C for 18 h
to transform into a hydrogel. Finally, the hydrogels were immersed in distilled water for 3
days to remove any residues. The hydrogel samples were labeled as 100/0, 90/10, 80/20,
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70/30, 60/40, and 50/50 hydrogels, respectively. Before characterization, all hydrogel
samples were vacuum dried for 2−3 days at 23 °C, then preconditioned for at least 48 h in
a constant temperature and humidity chamber at 25 °C and 0% relative humidity to
ensure the stabilization of their water content.
Table 4.1

Hydrogels of various compositions based on chitin/TEMPO-CNFs.

Samples (wt/wt) Chitin (wt%)

TEMPO-CNFs Epichlorohydrin

NaOH/Urea solution

(wt%)

(mL)

(g/mL)

100/0 Hydrogel

100

0

0.2

2.0/200

90/10 Hydrogel

90

10

0.2

2.0/200

80/20 Hydrogel

80

20

0.2

2.0/200

70/30 Hydrogel

70

30

0.2

2.0/200

60/40 Hydrogel

60

40

0.2

2.0/200

50/50 Hydrogel

50

50

0.2

2.0/200

4.4
4.4.1

Characterization of hydrogels
Elemental Analysis
Carbon, hydrogen, nitrogen content and oxygen (by subtraction) were measured

with CE-440 Elemental Analyzer (Exeter Analytical, North Chelmsford, MA). About 1–
2.5 mg samples were weighed into a tin capsule by using an ultra-microbalance
(Sartorius, Data Weighing Systems, Inc., Elk Grove, IL). The tin capsule was sealed
immediately with an Exeter Analytical Capsule Sealer and placed inside a nickel sleeve
for sample injection. Static combustion was conducted at 900 °C in pure oxygen, and the
sample was reduced at 700 °C. Helium was used to carry the combustion products
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through the analytical system and also for purging the instrument. A calibration
verification standard was injected after every ten sample runs to ensure quality control.
Oxygen content was calculated by subtraction. All the determinations were done in
duplicate.
4.4.2

Field Emission Scanning Electron Microscopy (FE-SEM)
Surface morphology of all six kinds of hydrogels with different combinations was

examined using a FE-SEM (JEOL JSM-6500F Field Emission Scanning Electron
Microscope). Samples were mounted on aluminum specimen stubs using double adhesive
carbon tapes. Prior to imaging, samples were coated with 10 nm platinum, sprayed in
EMS 150T ES sputter coater for fine grain sputtering, then observed under FE-SEM
operating at 10 kV.
4.4.3

Fourier Transform Infra-red (FTIR) Spectroscopy
All hydrogels were analyzed directly using FTIR spectrometry to study different

functional groups and evaluate structural variations. All experiments were conducted
using Thermo Scientific Nicolet iS50 FT-IR spectrometer in the range from 400 to 4000
cm-1.
4.4.4

Thermal Properties (TGA)
Thermogravimetric analyses of different hydrogels were carried out in duplicates,

using Thermo Scientific SDT Q600 series Thermogravimetric Analyzer (TA instrument).
Samples weighed between 9–11 mg in alumina cups and heated from room temperature
to 700 °C at a heating rate of 10 °C/min. All experiments were performed under nitrogen
atmosphere at flow rate 35 mL/min in order to prevent degradation by thermal oxidation.
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4.4.5

BET Analysis and Adsorption-desorption isotherm of nitrogen
Surface area and pore volume of all hydrogel samples were determined by

adsorption-desorption isotherms of nitrogen at −196 °C by a Quantachrome Autosorb iQ
gas sorption analyzer (Quantachrome, USA). Prior to undergoing gas adsorption
measurements, specimens were degassed at 100 °C under a vacuum for a period of 3 h at
a heating rate of 10 °C/min. The apparent surface area of all hydrogels with various
combinations was calculated by the BET method. The total pore volume was determined
by converting nitrogen gas adsorbed at a relative pressure of 0.99 to the volume of liquid
adsorbate (nitrogen).
4.5
4.5.1

Results and Discussion
Structure of the chitin/TEMPO-CNFs hydrogels
Figure 4.1, demonstrates the images of chitin/TEMPO-CNFs based hydrogels

with six different ratios those are prepared successfully through chemical cross-linking
method. Reaction conditions and chemical composition of prepared hydrogels are listed
in table 1. Proposed mechanism for the cross-linking reaction between TEMPO-oxidized
cellulose nanofibers and chitin with epichlorohydrin (ECH) in NaOH/urea aqueous
solution is shown in figure 4.2. The mechanism of alkali catalyzed cross linking reaction
includes deprotonation of hydroxyl groups (−OH) on biopolymer, which make them
highly nucleophilic site and reactive with the cross linker (Shen, Shamshina, Berton,
Gurau, & Rogers, 2016). Here, Epichlorohydrin works as a cross-linker to react with the
hydroxyl groups of TEMPO-CNFs and chitin polymeric chains via nucleophilic attack of
the alcoholate anion and a new epoxide produced by chloride movement. These
hydrogels exhibited good appearances with homogeneous dispersion of TEMPO-CNFs.
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Figure 4.1

Images of different chitin/TEMPO-CNFs hydrogels.
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Figure 4.2

4.5.2

Proposed mechanism for cross-linking reaction of TEMPO-CNFs and
chitin in alkali aqueous solution with ECH.

Elemental Analysis
Table 4.2 demonstrates the results from elemental analysis and describing the

content of nitrogen, carbon, hydrogen and oxygen in the prepared and vacuum dried
chitin/TEMPO-CNFs hydrogels and their pure precursors (100% chitin and TEMPOCNFs). The carbon content in pure chitin is 42.23%, whereas the hydrogen content is
6.66%. Nitrogen is also exist in the chitin structure, which accounts for nearly 6.38% of
the sample by mass. This nitrogen content is related to N-acetylglucosamine units (to be
specific, 2-(acetylamino)-2-deoxy-d-glucose). Results from elemental analysis revealed
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that nitrogen and carbon contents were relatively decreased by adding higher
concentration of TEMPO-CNFs in chitin (specifically, 60/40 and 50/50 aerogels). This
might be achieved due to more cross linking effect between chitin and TEMPO-oxidized
cellulose nanofibers. All these results consistently confirmed that cross linking process in
both the biopolymers are successfully bonded by etherification reaction.
Table 4.2

Elemental analysis of hydrogels of various compositions.

Samples

% Carbon

% Hydrogen

% Nitrogen

% Oxygen

Chitin

42.23

6.66

6.38

44.73

TEMPO-CNFs

39.07

5.88

0.00

55.05

100/0 Hydrogel

35.56

4.66

8.35

51.43

90/10 Hydrogel

35.32

4.54

7.25

52.89

80/20 Hydrogel

35.21

4.26

7.08

53.45

70/30 Hydrogel

34.76

4.14

6.23

54.87

60/40 Hydrogel

34.57

4.06

5.81

55.56

50/50 Hydrogel

34.02

4.04

5.63

56.31

4.5.3

Field Emission Scanning Electron Microscopy (FE-SEM)
Fig. 4.3 shows the scanning electron micrographs and pore surface comparison

between six different combination of chitin/TEMPO-CNFs hydrogels (100/0, 90/10,
80/20, 70/30, 60/40, and 50/50 hydrogels). In order to observe the morphology of these
hydrogels, the first step of the preparation was to convert them into a porous adsorbent
aerogel with a definite shape, using vacuum drying method to eliminate water. From this
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method, a rigid aerogel with a sponge like feature is obtained. All aerogels are light
weighted and porous materials with wide to short pore size distributions. The pore size
arrangement has a foam-like framework with spherical or free opens and interconnected
cells. This type of meso and micro-porous structure is required for a large active surface
area. The pore size of aerogels is decreasing as the concentration of TEMPO-CNFs is
increasing from 10 wt%−50 wt%. This pore size reduction confirms that both the
biopolymers has additional crosslinking points in hydrogel structure. Highly porous
structure of aerogels might be the reason why surface area (SBET) of 90/10−50/50
chitin/TEMPO-oxidized aerogels increased with increase concentration of TEMPOCNFs.
In addition, TEMPO-CNFs are well distributed into chitin network due to their
small sized nanofibers. The length and width of TEMPO-oxidized CNFs was ranging
from 10–100 nm and 3–15 nm of range (Soni et al., 2015; Soni et al., 2016). The surface
morphology indicated the proper dispersion between chitin and TEMPO-CNFs. All
aerogel samples with various composition are homogeneous with no aggregation of
TEMPO-CNFs or chitin polymer. This shows, TEMPO-CNFs are dispersed evenly with
chitin biopolymer, thus cross linked with chitin due to epichlorohydrin. 70/30, 60/40, and
50/50 aerogels have dense structure due to more cross linking between both the
biopolymeric chains. In contrast, pure chitin aerogel (100/0) is less dense due to absence
of TEMPO-CNFs and have bigger pore size compare to other aerogels. Incorporation of
TEMPO-CNFs into chitin generates more undulation on their surface, effectively
increases the surface area for cationic metal adsorption or for other potential applications.

109

These observations are in agreement with previously reported data (Lezehari, Basly,
Baudu, & Bouras, 2010; Liu et al., 2012; Mohammed, Grishkewich, Berry, & Tam).

Figure 4.3

4.5.4

FE-SEM micrographs of different chitin/TEMPO-CNFs hydrogels.

Fourier Transform Infra-red (FTIR) Spectroscopy
Figure 4.4, shows the FTIR spectrum of the six different compositions of

chitin/TEMPO-CNFs hydrogels. The dominant spectral band at 3342, 3266 and 1040
cm−1 are corresponding to stretching vibrations of –OH, −NH and C–O ether groups. The
spectral bands detected in the region of 1638–1648 cm−1 in all hydrogels spectra are due
to O–H bending of adsorbed water. All these spectra were developed after careful
vacuum drying process, still the adsorbed water in the cellulose molecules is very
difficult to remove due to the cellulose-water interaction (Morán, Alvarez, Cyras, &
Vázquez, 2008; Soni et al., 2015). The spectral bands from 2886−2961 cm−1 in range
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corresponds to −CH, −CH3 symmetric stretching and −CH2 asymmetric stretching. The
peaks at 1628 cm−1 and 1662 cm−1 represent to Amide-I band, where two types of
hydrogen bonds occur in a carbonyl (C O) group, first with the −NH group of the
adjacent chain and second with the −OH group of the inter-chain. Other bands observed
in the range of 1558 and 1312 cm−1 are associated with Amide-II band (represents N–H
bending and C–N stretching in-plane mode) and Amide-III band (in-plane mode of the
−CONH group) respectively. Also, bands appear at 1380 and 1310 cm−1 are attributed to
−CH bending, symmetric −CH3 deformation and −CH2 wagging.
Furthermore, the spectral bands ranging from 1028 to 1163 cm−1 corresponds to
the asymmetric connecting oxygen and C–O stretching (Osada et al., 2013; Pearson,
Marchessault, & Liang, 1960). Other peaks observed in the range of 1410–1420 cm−1 due
to –CH2 scissoring motion in cellulose, 1368–1373 cm−1 represents C–H bending, ~1317
cm−1 displays CH2 wagging, ~1048 cm−1 associated with C–O–C pyranose ring stretching
vibration in cellulose, and peak at 891–896 cm−1 with enhanced sharpness corresponds to
cellulosic β-glycosidic linkages (Chen et al., 2011; Garside & Wyeth, 2003; Kumar,
Negi, Choudhary, & Bhardwaj, 2014; Morán et al., 2008; Nelson & O'Connor, 1964;
Soni et al., 2016). Similarly, peaks at 1154–1159 cm−1 shows C–C ring stretching band.
All hydrogel spectra (90/10−50/50) shows similar properties but their band intensity
slightly increased that reveals cross linking effect between chitin and TEMPO-CNFs
biopolymer.
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Figure 4.4

4.5.5

FTIR spectra of TEMPO-oxidized CNFs and different chitin/TEMPOCNFs hydrogels.

Thermal Properties (TGA)
The thermal stability of all vacuum dried hydrogels, resulting from six various

compositions is presented in Figure 4.5. All samples presented a slight weight loss at low
temperature range from 100–125 °C due to evaporation of absorbed and intermolecular
H-bonded water (Kumar et al., 2014; Soni et al., 2015; Soni et al., 2016). However, the
pyrolysis processes and degradation behaviors of these samples are completely different
in the high temperature range. The amount of absorbed water in 100/0, 90/10, 80/20
hydrogel compositions is higher than that of the 70/30, 60/40, and 50/50 hydrogels,
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suggesting that the higher content of TEMPO-CNFs are well dispersed with chitin, thus
preventing the absorption of moisture (Soni et al., 2016). The TGA curve represented by
weight (%) and solid lines, thermal degradation of pure chitin hydrogel (100/0) and other
hydrogel combinations initiated at 250−260 °C in nitrogen atmosphere, whereas, In DTG
curve represented by deriv. weight (%/°C) and dashed lines, pyrolysis process took place
in different stages.
Hydrogels with combinations of 100/0 and 90/10 demonstrates three stage of
pyrolysis processes. In pure chitin hydrogel (100%) the first two stages appear below 200
°C and associated with endothermic desorption of physically bound water. The third
stage initiates at 230 °C, which attributed to the endothermic thermal degradation of αchitin. This is mainly a result of the single-step reaction of depolymerization of the chitin
molecular structure which also includes dehydration of polysaccharide rings and
formation of low volatile products and char (Soni et al., 2016; Stawski, Rabiej,
Herczyńska, & Draczyński, 2008). On the other hand, 80/20 shows two, 70/30, 60/40,
and 50/50 hydrogel combinations shows four stages of pyrolysis process respectively.
The first stage in these hydrogels is assigned to the loss of water and other broad peaks
ranging from 200–380 °C corresponds to the oxidative and thermal decomposition of
both chitin and TEMPO-CNFs polymers. The prominent pyrolysis in 80/20 hydrogel
begins at 200 °C and reaches to a maximum at 375 °C. These hydrogels with various
content of TEMPO-CNFs showed reasonable thermal stability, which is primarily due to
the presence of the great cross linking process and crystalline structure between both
chitin and TEMPO-CNFs (Soni et al., 2016). These results reveal that the introduced
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−COO− groups can influence the thermal stability of the chitin based hydrogels due to
their nano-size and larger number of free ends (Soni et al., 2015).

Figure 4.5

4.5.6

TGA-DTG thermographs of different chitin/TEMPO-CNFs hydrogels.

BET (Brunauer–Emmett–Teller) Analysis
Surface area and pore volume analysis of chitin/TEMPO-CNFs hydrogels with

different composition are exhibited in table 4.3. It compares the surface area, pore
volume, and average pore radius of all aerogels with various concentration. All hydrogels
are converted into aerogels by vacuum drying process before BET analysis. It is well
known that the high surface area of any compound is a function of microporosity, which
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determines the ultimate adsorptive capacity. Hydrogels with higher concentration of
TEMPO-CNFs (30, 40, and 50 wt%) showed high surface area from both BET and BJH
methods. The small diameter (3–15 nm, width and 10–100 nm in length) of the TEMPOoxidized cellulose nanofibers makes their surface area considerably high (Soni et al.,
2015). It has been already reported that cellulose nanofibers have high BET surface area,
thus it can be used in many potential applications such as, storage, separation and
purification processes (Sehaqui, Zhou, Ikkala, & Berglund, 2011). Therefore combining
chitin with TEMPO-CNFs is an excellent choice for various industrial applications, for
instance bioremediation of positively charged metal ions from contaminated water and
their interaction with negatively charged surface carboxyl groups (−COO−, shown in
figure 4.1) via electrostatic attractions. Compared to the surface area (0.652 m2/g) and
pore volume (0.010) of pure chitin hydrogel (100/0), the surface areas and pore volume
of other hydrogels with TEMPO-CNFs content has increased considerably (Amaya,
Medero, Tancredi, Silva, & Deiana, 2007).
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Table 4.3

The surface area analysis of chitin/TEMPO-CNFs hydrogels of various
compositions

BET multiSamples
point surface
area (m2/g)
100/0 Hydrogel
0.652

BET singlepoint surface
area (m2/g)
0.5617

BJH surface Pore
area
volume
2
(m /g)
(cc/g)
2.007
0.010

Average pore
radius
(Å)
3.35154e+02

90/10 Hydrogel

1.822

1.7084

2.199

0.016

2.60420e+02

80/20 Hydrogel

2.467

2.2875

2.685

0.021

2.58150e+02

70/30 Hydrogel

2.937

2.7215

2.876

0.022

2.50135e+02

60/40 Hydrogel

3.040

2.8061

3.358

0.032

2.12281e+02

50/50 Hydrogel

3.291

2.9092

4.416

0.034

1.91703e+02

The isothermal curves obtained from nitrogen adsorption-desorption isotherms at
-196 °C for all hydrogel samples are shown in Figure 4.6. Hydrogels with 100/0, 90/10,
and 80/20 combinations demonstrate a hysteresis loop whose desorption is not
completely coexistent with the adsorption isotherm, this indicates the existence of
macroporosity in 100/0 with the mesoporosity in 90/10 and 80/20 hydrogel combinations.
Moreover, the increase of the uptake at high relative pressure is low, which reveals a low
development of meso and microporosity that attributed to relatively low surface area
(Williams & Reed, 2006). On the other hand 70/30, 60/40, and 50/50 hydrogel
combinations shows hysteresis loop, in which desorption and adsorption isotherms are
properly coexistent. Also, the increase of the uptake at high relative pressure is large,
corresponding to the higher mesoporous surface area (70/30) with microporosity in 60/40
and 50/50 hydrogel combination.
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Figure 4.6

Nitrogen adsorption-desorption isotherms at -196°C for chitin/TEMPOCNFs hydrogels of different compositions.
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4.6

Conclusions
In this study, a novel and functional chitin/TEMPO-CNFs based hydrogels with

various concentrations were prepared using an environmentally friendly casting method.
The effectiveness of combining these two precursors and the characteristics of the
prepared hydrogels were confirmed with the results of elemental analysis, FTIR, FESEM, TGA-DTG, and BET surface area. Results of elemental analysis revealed that
nitrogen content was relatively decreased by adding higher concentration of TEMPOCNFs. FE-SEM analysis clearly explained that nano-sized TEMPO-CNFs were
completely embedded in the chitin biopolymer and homogeneously distributed, thus no
aggregation was shown. It also shows the existence of cross linking reaction between
both the biopolymeric chains. Thermographs of DTG-TGA analysis indicated good
thermal stability, but different pyrolysis behavior at high temperature range for all kinds
of hydrogels. BET and BJH analysis demonstrated clearly that incorporation of TEMPOCNFs into chitin polymer has significantly increased the surface area and pore volume of
hydrogels that improves their adsorption capacities. Therefore, these hydrogels can be
employed in several applications and variety of fields such as agriculture, pesticide
delivery, biomedical materials, wound dressings, tissue engineering scaffolds, and
adsorbents for heavy metal ions, dyes, and pesticides.
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CHAPTER V
LEAD ADSORPTION ON CHITIN/TEMPO-OXIDIZED CELLULOSE NANOFIBERS
BASED HYDROGELS
5.1

Abstract
Lead (Pb2+) is one of the most toxic and non-biodegradable metals usually found

in water bodies. Its removal become an important issue and receiving considerable global
attention nowadays. The present work focuses on the lead adsorption capacities of chitin,
TEMPO-oxidized cellulose nanofiber (2,2,6,6-tetramethylpiperidine-1-oxyl radical), and
prepared hydrogels (adsorbent) based on different compositions of chitin/Tempooxidized cellulose nanofibers (TEMPO-CNFs). The effects of lead initial concentration,
adsorbent dose, and contact time were also studied. The maximum adsorption capacity of
lead was found with TEMPO-oxidized cellulose nanofibers, than pure chitin, and 50/50
combination of chitin/TEMPO-CNFs at 25 °C. Result shows that increased amount of
hydrogel adsorbs higher metal ions but the adsorption decreases when lead initial
concentration increases at the constant dose of adsorbent. There is no significant
increment in lead adsorption with increase in contact time. The higher reinforcement of
TEMPO-CNFs to chitin biopolymer significantly enhanced metal removal efficiency
compared to less reinforcement. Also, this provides new opportunities as environmentally
friendly and cost effective green remediation of toxic metals. The effective utilization of
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these hydrogels can be used in fish water ponds without production of harmful byproducts.
5.2

Introduction
Heavy metals introduction to the environment is one of the most serious global

problems. They are non-biodegradable in nature and their presence even at low
concentration in water is harmful to the human health as well as aquatic life. The most
common heavy metal is lead (Pb2+) that is commonly used in households, waste water
discharges from battery and paint manufacturing, smelting, pulps and paper industries
(Jamil, Zia, & Qasim, 2010; Khan, Cao, Zheng, Huang, & Zhu, 2008). Excess lead
consumption causes anemia, irritability, dizziness and renal sickness. In aquatic
environment, introduction of heavy metals is partially due to natural processes, such as
volcanic activity and erosion, but is mostly the result of industrial wastes. Industrial
sectors such as manufacturing of plastics, fertilizers, and pigments generate waste waters
containing heavy metals (Huang, Sillanpää, Duo, & Gjessing, 2008; Huang, Sillanpää,
Gjessing, & Vogt, 2009; Muhammad, Shah, & Khan, 2011). Elimination of metals from
contaminated water bodies is crucial not only due to their toxic activities but also the
possibility to recover and reuse metals in many industrial applications. The United States
Environmental Protection Agency (USEPA) has set the maximum permissible limit of
lead in drinking water at 0.015 mg/L (Sanchez, Brown, Webber, & Homan, 2008). The
World Health Organization (WHO) and the Bureau of Indian Standards (BIS) have set
the maximum permissible limit of Pb2+ in drinking water at 0.01 mg/L (Organization,
2008).
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There are many remediation methods have been developed to remove lead from
aqueous solutions such as flocculation, sedimentation, precipitation, ion exchange,
membrane filtration, reverse osmosis, and electrochemical methods (Bodalo-Santoyo,
Gómez-Carrasco, Gomez-Gomez, Maximo-Martin, & Hidalgo-Montesinos, 2003;
Ersahin et al., 2012; Walsh & Reade, 1994). Majority of these methods are not cost
effective and inefficient, especially in removing heavy metals from dilute solutions
(Bayramoglu, Denizli, Bektas, & Arica, 2002; Gurgel, Júnior, de Freitas Gil, & Gil,
2008; Ng, Cheung, & McKay, 2002; Oubagaranadin & Murthy, 2009). Among all these
approaches adsorption is considered to be the most commonly used method for heavy
metal remediation from water (Bailey, Olin, Bricka, & Adrian, 1999). Activated carbons
(Bailey et al., 1999), clay minerals (Oubagaranadin & Murthy, 2009) and chitosan/natural
zeolites (Wang, Zheng, & Wang, 2009) were used to remediate heavy metals from water
and wastewater. Magnetite nano-based adsorbents including iron oxides were also used
for heavy metal ions removal from wastewater (Xu et al., 2012). In addition, magnetic
nano-adsorbents are characterized by small particle size, high surface area to volume
ratio, high magnetic moment, and biocompatibility. The magnetic property of iron oxide
nanoparticles enables easy separation from aqueous stream using a simple magnet.
However, preparation and regeneration of activated carbon is expensive, difficult and
energy consuming that makes its application less economically attractive on an industrial
scale (Babel & Kurniawan, 2003). Consequently, search for alternative adsorption
materials is constantly under an intensive study. Adsorption process is essentially a
surface phenomenon. Adsorbent having a good adsorptive capacity implies that it should
present a large specific surface area. The adsorptive properties depend on the distribution
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of size pore and the nature of the solid surface. Added to this, the chemical structure of
this material allows surface modifications by chemical or physical treatments, allowing
an increase in adsorption capacity of this material.
Among various inexpensive materials, polysaccharides such as cellulose and
chitin exhibit a great potential as adsorbent because of their abundance, renewability and
accessibility (Pan & Ragauskas, 2012; Xie, Shang, Liu, Hu, & Liao, 2011). Particularly,
cellulose is most widely available and renewable biopolymer in nature. It is a very
promising raw material available at low cost for the production of various functional
materials. Production of nanocellulose with high aspect ratio from agricultural residues is
the promising strategy for environmental application. Due to the presence of hydroxyl
groups, cellulose is considered to be an excellent material for surface modification.
Therefore, cellulose fibers can be modified by chemical and mechanical methods such as,
acid hydrolysis, TEMPO-oxidation, alkaline acid pretreatment and ultrasonic treatment
(Soni, Hassan, & Mahmoud, 2015; Soni, Hassan, Schilling, & Mahmoud, 2016). At the
same time, a combination with other bio-adsorbents can pose an efficient biocomposite
material, which could possibly show high adsorption capacity and easy recovery from
treated effluents. Recent studies have used TEMPO-oxidized cellulose (Lin, Heish, Tsai,
& Huang, 2015) and chitin fibers (Sehaqui et al., 2014), sulfonated cellulose (Dong,
Zhang, Pang, Liu, & Zhang, 2013), succinic anhydride nanocellulose (Gurgel et al.,
2008), chitosan blended with cellulose nanofibers (Zhou, Fu, Zhang, Zhan, & Levit,
2014), cellulose alginate hydrogel (Mohammed, Grishkewich, Berry, & Tam, 2015) and
cellulose-chitosan magnetic hydrogel beads as adsorbent for heavy metal removal. Also,
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these adsorbents could be regenerated by suitable desorption process followed by
ultrasonic conditions (Hokkanen, Repo, & Sillanpää, 2013).
Abundant natural polymers or agriculture waste products can be economically
used as potential biosorbents for heavy metals. Cellulose, as a bioaffinity carrier, exhibits
good chemical stability, mechanical strength, recoverability, high reproducibility and low
cost (Haynes et al., 1998). Chitin, as the second most abundant resource (next to
cellulose) in nature, is found in the exoskeletons of crabs and other arthropods and in the
cell walls of some fungi. It may be regarded as cellulose with hydroxyl at position C-2
replaced by an acetamido group. Chitin is recognized as an excellent metal ligands,
forming stable complexes with heavy metal ions. The formation of a coordination
complex between the metal and the N-acetyl group in chitin has been reported. Orange
peel (Ajmal, Rao, Ahmad, & Ahmad, 2000), chitosan (Bhatnagar & Sillanpää, 2009;
Guibal, 2004; Repo, Warchol, Kurniawan, & Sillanpää, 2010), sulfonated wheat pulp
(Suopajärvi, Liimatainen, Karjalainen, Upola, & Niinimäki, 2015), modified maize straw
(Guo et al., 2015), natural bentonite (Babel & Kurniawan, 2003), anaerobic granular
sludge (van Hullebusch, Peerbolte, Zandvoort, & Lens, 2005; Virkutyte, Van Hullebusch,
Sillanpää, & Lens, 2005), and activated carbon (Bhatnagar & Sillanpää, 2010) have been
tested for heavy metal removal. However, these materials have low adsorption capacities
and need further modification to enhance their functionality.
In a previous study, we successfully prepared environmentally friendly TEMPOoxidized cellulose nanofibers (2,2,6,6-tetramethylpiperidine-1-oxyl radical) and chitin
based hydrogels with various compositions in 8 wt% NaOH/4 wt% urea aqueous solution
via freezing/thawing method. Six different hydrogels of chitin (100–50 wt%), TEMPO128

CNFs (0–50 wt%), and epichlorohydrin (0.2 mL) were cast in an oven at 40 °C for 24 h.
As we know, biosorption of heavy metals is a very complex process, in which there are
several mechanisms including complexation, coordination, chelation, ion exchange,
adsorption by physical forces and ion entrapment in inter- and intra-fibrillar capillaries
and spaces of the structural The biosorption mechanisms depend on the characteristics of
the biosorbents, the physico–chemical properties of the heavy metals and the microenvironment of the contact solution (Alexandre & Dubois, 2000; Benguella & Benaissa,
2002; Gyliene, Rekertas, & Šalkauskas, 2002).
The present research deals with the application of novel biocomposite hydrogels
of different compositions by combining TEMPO-oxidized cellulose nanofibers (TEMPOCNFs) and chitin biopolymer in remediation of cationic toxic metal, lead (Pd2+) form
aqueous solutions.
5.3
5.3.1

Experimental
Materials
Cellulose was isolated from agricultural post harvesting wastes, cotton stalks, by

alkaline-acid pretreatment and used for the preparation of nanocellulose by the TEMPOmediated oxidation method. Structural (FTIR), morphological (FE−SEM, AFM), and
thermal analysis (TGA-DTG) of TEMPO-CNFs were investigated in our previous work
(Soni et al., 2015; Soni et al., 2016). Metal solutions of different concentrations were
prepared in distilled water with the Pb(NO3)2 salt. All chemicals used in this study were
purchased from commercial resources and used as received without further purification.
Powdered chitin from shrimp shells was purchased from Sigma-Aldrich. 0.22 um pore
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size syringe, laboratory shaker, 20 mL digestion vessels were purchased from fisher
scientific.
5.3.2

Chitin/TEMPO-CNFs hydrogels
In my previous study, hydrogels were prepared by mixing chitin and TEMPO-

CNFs in 8 wt% NaOH/4 wt% urea/ 88 wt% water mixture with stirring for 20 min, and
then was stored under refrigeration (-20 °C) for 4 h. The frozen solid was thawed and
stirred extensively at room temperature. After the freezing/thawing cycles were repeated
4 times, thick viscous solution was obtained. The total amount of dry substance in each
hydrogels was maintained at 2.0 g and the ratio of chitin and TEMPO-CNFs composition
was 100/0, 90/10, 80/20, 70/30, 60/40, and 50/50 respectively. Subsequently 0.2 mL
epichlorohydrin (ECH) was added to hydrogel solution and stirred at 23 °C temperature
for 30 min to obtain a homogeneous solution, which was then kept inside oven at 40 °C
for 18 h to all it to transform into a hydrogel. Finally the hydrogels were immersed in
distilled water for 3 days to remove any residues. The hydrogel samples were labeled as
100/0, 90/10, 80/20, 70/30, 60/40, and 50/50 hydrogels respectively. Before
characterization, all hydrogel samples were vacuum dried for 2-3 days at 23 °C, then
preconditioned for at least 48 h in a constant temperature and humidity chamber at 25 °C
and 0% relative humidity to ensure the stabilization of their water content.
5.3.3

Adsorption studies
All adsorption experiments in triplicate were performed in clean air-conditioned

environmental laboratory. Pb2+ stock solutions (100, 110, 120, 130, 140, and 150 mg/L)
of different concentrations were prepared with Pb(NO3)2 in distilled water. All Lead
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sorption experiments were conducted at different initial Pb2+ concentrations, contact
times (in interval of 3 min), hydrogel dosages (0.5, 0.75, 1.0, 1.5, and 2.0 mg) and
compared adsorption efficiency of chitin and TEMPO-oxidized cellulose nanofibers. In
general, a known quantity of hydrogel was added to the metal solution and suspension
was mixed in a laboratory shaker at 200 rpm to reach the adsorption equilibrium. After
shaking, suspension was allowed to settle down. The residual hydrogel adsorbed with
metal ions were filtered through 0.22 um pore size syringe in order to remove hydrogels
from the solution and filtrate was collected and subjected for metal ions estimation using
flame atomic absorption spectrometer (AA-7000, Shimadzu). The removal efficiency (%)
of metal and the amount of metal absorbed on adsorbent phase was calculated according
to Eq. 1 and Eq. 2, which are as follows:
Removal efficiency (%) =
Amount absorbed =

(𝐶𝑖−𝐶𝑒)
𝐶𝑖

× 100

(𝐶𝑖−𝐶𝑒)𝑉
𝑊

Eq. (5.1)
Eq. (5.2)

where Ci and Ce are the initial and equilibrium Pb2+ concentrations (mg/L), V is the Pb2+
solution volume (L), W is the hydrogel dose (g). All the experiments were conducted in
triplicates.
5.4
5.4.1

Results and discussion
Lead adsorption studies
Lead adsorption studies were conducted to investigate the effect of initial lead

concentration, contact time, and amount of adsorbent added. Adsorption efficiency
between TEMPO-CNFs and pure chitin were also compared.
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5.4.1.1

Comparison of removal efficiency and amount adsorbed on TEMPOCNFs and Chitin
A comparison of adsorption efficiency and amount of metal adsorption on chitin

and TEMPO-oxidized cellulose nanofibers are shown in Figure 5.1. This study led to the
standardization of the optimum conditions for the removal of lead metal initial
concentration (100 mg/L), contact time (duration of every 3 min), and volume (10 mL)
with the constant amount of adsorbent (1 mg). In Figure 5.1A, maximum adsorption
efficiency was observed by TEMPO-CNFs than chitin biopolymer in 3 min. However, no
significant increment in the removal efficiency was shown on further increase in contact
time from 3 min onwards.
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Figure 5.1

Removal efficiency and amount of metal adsorbed on TEMPO-CNFs and
Chitin.

This might be due to TEMPO-oxidized nanofibers generate more numbers of
charge ends (carboxylate groups) and increases the negative charge on their surface (Soni
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et al., 2015), thus enables the electrostatic interaction with the divalent cationic lead
metal species . TEMPO-oxidized CNFs are very small sized fibers and have high surface
area, thus enhanced the adsorption efficiency of lead (Isobe et al., 2013; Isogai, 2014).
These results reveal that free –COO− groups connect with lead cations (Pb2+) through
electrostatic attraction and increased the amount of lead metal ions in initial lead
concentrations (Figure 5.1B) (Soni et al., 2016).
5.4.1.2

Effect of contact time on the removal efficiency and amount adsorbed
Effect of contact time on Pb2+ adsorption on various hydrogels were investigated

at 3, 6, 9, 12, 15, and 18 mins at 25 °C with constant initial lead concentration (100
mg/L), and 1 mg hydrogel dose (Figure 5.2). The maximum lead ions adsorbed by 100/0
and 50/50 chitin/TEMPO-CNFs adsorbents within 3 mins contact time and reached to
99%. When contact time was increased from 3 to 18 mins the removal rate was not
changed further as the equilibrium approached. This initial rapid removal rate may be due
to the high lead adsorption occurred on the external sites available on 100/0 and 50/50
chitin/TEMPO-CNFs hydrogels (Bagbi, Sarswat, Mohan, Pandey, & Solanki, 2016). It is
also seen that the adsorption rate was initially fast with higher adsorption and equilibrium
was attained 3 to 6 mins. This higher adsorption rate in very small period of time is might
be due to single (lead) component solution (Hokkanen, Repo, Suopajärvi, et al., 2014).
Maximum lead ions adsorption by 100/0 and 50/50 chitin/TEMPO-CNFs hydrogels may
indicates the presence of numerous active sites on 100/0 adsorbent surface and higher
surface area of 50/50 chitin/TEMPO-CNFs hydrogel. On the basis of these results, it can
be observed that removal of lead ions are in other combinations of hydrogels due to less
adsorption sites (Hokkanen, Repo, Westholm, et al., 2014).
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Figure 5.2

Effect of contact time on the removal efficiency and amount adsorbed
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5.4.1.3

Effect of hydrogel amount on the removal efficiency and amount
adsorbed
The effect of adsorbent dosage was investigated by varying amounts of

chitin/TEMPO-CNFs adsorbents (100/0, 90/10, 80/20, and 50/50 hydrogels). Pb2+ ion
removal was increased from 48 % to almost 100 % on increasing adsorbent dose of 0.5,
0.75, 1.0, 1.5, and 2.0 mg with constant initial lead concentration (100mg/L) and 3 mins
contact time (Figure 5.3A). This increase in metal ion removal at higher adsorbent dosage
is attributed to the available adsorption sites of the adsorbents. Although the lead removal
percentage increased with the increase in adsorbent dosage, the amount of metal adsorbed
per unit mass decreased as shown in Figure 5.3B. This is attributed to the unsaturation of
active sites on the adsorbent due to the increase in the ratio of adsorption sites to the lead
ions (Batmaz et al., 2014). This might be due to attainment of equilibrium between
adsorbate and adsorbent at the existing operating conditions rendering adsorbent
incapable of further adsorption.
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Effect of hydrogel amount on the removal efficiency and amount adsorbed
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5.4.1.4

Effect of Pb2+ concentration on the removal efficiency and amount
adsorbed
Adsorption studies were investigated at 100, 110, 120, 130, 140, and 150 mg/L

lead concentrations with hydrogel dose of 1.0 mg, temperature 25 °C with contact time 3
mins. Lead removal decreased with an increase in Pb2+ concentrations Figure 5.4A. This
shows that most of available adsorption sites on chitin/TEMPO-CNFs hydrogels (100/0,
90/10, 80/20, and 50/50) were occupied at 100-150 mg/L lead concentration. Similar
results were reported earlier (Esfahani, Firouzi, Sayyad, & Kiasat, 2013; Gong et al.,
2012). For a fixed amount of adsorbent, the percentage of lead removal gradually
decreased with increasing the initial lead concentration (Figure 5.4A).
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Figure 5.4

Effect of Pb2+ concentration on the removal efficiency and amount
adsorbed

This initial increase at low concentration regime could be attributed to the low
ratio of the number of lead ions to the number of adsorption sites. Even though the
removal percentage decreased with increasing lead concentration, the amount of adsorbed
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lead per unit mass (Ce) increased, because the number of lead ions available for
adsorption was greater for the same number of adsorption sites at high lead concentration
(Figure 5.4B). This finding is consistent with the results previous results (Batmaz et al.,
2014).
5.5

Conclusion
Chitin/TEMPO-CNFs hydrogels were successfully synthesized and applied f

aqueous Pb2+ ion removal. Almost 100% Pb2+ removal was achieved within 3 min with
the combination of 100/0 and 50/50 hydrogels. This study demonstrates the potential
application of cellulose nanofibers obtained by TEMPO oxidation to adsorb a cationic
lead ions. The influence of various parameters, such as adsorbent dosage, initial lead
concentration, and contact time on the lead uptake were examined. Introduction of higher
amount of TEMPO-CNFs with chitin biopolymer enhanced the adsorption potential of
lead cations. Thus these hydrogels have capacity to adsorb various types of cations due to
their excellent surface area and charge density.
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